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ABSTRACT 

Peste des petits ruminants (PPR) is an acute viral disease of small ruminants caused by a 

Morbillivirus and characterized by fever, oculo-nasal discharges, stomatitis, diarrhea and 

pneumonia. The disease is relatively new in Kenya and is thus not well described or 

understood by many stakeholders. This study was aimed at enhancing the diagnosis of 

PPR through description of clinical course and pathological changes in sheep and goats 

experimentally infected with Kenyan isolates of Peste des petits virus and to validate the 

use of real time reverse transcriptase PCR as a diagnostic tool. A pilot study was initiated 

in a controlled environment using two non-infected goat kids, aged three months that were 

tested to be free from PPRV infection by competitive ELISA to determine whether tissues 

from field infected goats were infective and could be used to reproduce the disease. Each 

kid was inoculated intranasally with 2ml of mixed tissue suspension. The animals 

were observed daily for development of PPR specific signs. The infected goat kids

remained
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healthy for 4-5 days post infection. On day 6 they developed fever and cough. Nasal and 

ocular discharges appeared on day 9 and cleared by day 13. Severe diarrhea set in on day 

15 post infection and resulted in severe dehydration and death on day 18 post infection. 

Competitive ELISA and real time PCR tests confirmed presence of antibodies as well as 

PPRV RNA in serum samples and ocular swabs respectively, indicating the infectivity of 

PPRV in tissue samples collected from the field. Based on this pilot study, a more 

elaborate experiment was designed using seven goats and seven sheep that had tested to 

be negative for PPR antibodies by c-ELISA. These animals were divided into two 

treatment groups and one control group. Each animal in the treatment groups was 

inoculated intra-nasally with 2ml of infective mixed tissue suspension while the control 

group was inoculated with phosphate buffered saline. Animals were then examined for 

development of PPR specific signs. Fever developed from day 5-8 and 7-10 post infection 

in goats and sheep respectively. There was also a progressive rise in respiratory rates from 

day 9-16 and 9-14 in goats and sheep respectively. Nasal discharges were recorded from 

day 8.2 ±2.28 and 9 ±1.83 post infection in goats and sheep respectively. Ocular 

discharges were observed on day 10 ±2.24 post infection in goats and on day 9.8 ±2.17 

post infection in sheep. Oral lesions were observed only in one goat and two sheep. Sheep 

developed diarrhea from day 13.5 ±0.58 post infection. In goats, severe diarrhea was 

observed in three animals from day 14 ±1 post infection. Hematology results revealed a 

significant increase in hemoglobin concentration, mean corpuscular hemoglobin and 

mean corpuscular hemoglobin concentration in goats after infection. In sheep, there was 

a significant increase in red blood cell count and neutrophils while there was a significant 

decrease in mean corpuscular volume, mean corpuscular hemoglobin and percentage of 

lymphocyte. In goats, there was no signicant change in neutrophil lymphocyte (N/L) ratio 

(p> 0.05). In sheep, there was a signifacant increase in neutrophil lymphocyte ratio (p< 

0.05). Gross post mortem examination revealed lesions in the lungs, body lymph nodes, 

especially mesenteric lymph nodes, and the intestines. All experimentally infected 

animals showed detectable antibodies against PPR by day 10 post infection. Real 
time 
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RT-PCR assay revealed positive amplification by the cycle 36.51. None of the PPRV 

negative controls was positive by the RT-PCR assay. Real time RT PCR can therefore be 

used as a diagnostic tool to confirm PPR infections. The results from this study indicated 

that whereas PPR is thought to mainly affect goats, the disease in Kenya appear to evenly 

affect both sheep and goats. The experimental infection model can be used to determine 

the efficacy of vaccines for example the thermo-stable PPR vaccine currently being 

developed by other researchers.  
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CHAPTER 1:  INTRODUCTION 

1.1 Background information 

Peste des petits ruminants (PPR) is a highly contagious and infectious viral disease 

of domestic and wild ruminants (Furley et al, 1987). The disease is characterized by 

high fever, ocular and nasal discharges, pneumonia, necrosis and ulceration of the 

mucous membrane and inflammation of gastro-intestinal tract leading to severe 

diarrhea (Gibbs et al, 1979). Peste des petits ruminants, also known as goat plague, 

is an important disease in Africa (Roeder et al, 1994) and Asia (Shaila et al, 1996) 

where small ruminants form a considerable portion of livestock population. It mainly 

affects goats but sheep can also be affected. The disease was first described in Cote 

d’Voire in west Africa (Gargadenne and Lallanne, 1942) where it was locally named 

Kata, pseudorinderpest, pneumoenteritis complex and stomatitis pneumoenteritis 

syndrome (Braide, 1981). The disease was later confirmed to exist in Nigeria, 

Senegal and Ghana and for many years it was thought to be restricted to these parts 

of African continent until a disease affecting goats in Sudan, which was initially 

diagnosed as rinderpest in 1972, was confirmed to be PPR (Diallo et al, 1989). 

Outside Africa, PPR has been diagnosed in India, Western and Southern Asian 

countries (Shaila et al, 1996) and has continued to receive growing attention because 

of its fast spread, economic impacts (Lefevre and Diallo, 1990) and the fact that it 

complicating the then ongoing global eradication and epidemio-surveillance 

programs of rinderpest (Couacy-Hymann et al, 2002). 

In Kenya the disease was first detected in the Turkana district in year 2006 and  then 

rapidly spread to 16 other districts such as West Pokot, North Pokot, Baringo, 

Samburu, Moyale, Marakwet, Marsabit, Wajir, East Pokot, Laikipia West and Ijara 

and current reports indicate that the disease is spreading to most parts of the country 

(Pro Med-Mail, 2008) 
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The socio economic importance of PPR arises from the heavy production losses that 

it causes at producer and market levels. The production losses result from high 

mortality of 50-80% in naïve sheep and goat population and the high morbidity of 

80-90% (Lefevre and Diallo, 1990). Mortality from PPR is highest in kids at 100%

while in adults it is low and stand at 10%. The economic impacts of PPR are probably 

underestimated due to confusion with other diseases but it is believed that PPR is 

one of the major constraints to small ruminant farming in tropics (Taylor, 1984). 

Losses that are incurred include, reduced milk production and loss of genetic 

potential. Other losses associated with the disease are the cost incurred in the control 

by both the public sector and the household in the attempt to contain the problem 

(Couacy-Hymann et al, 2002). 

1.2 Justification 

Peste des petits ruminants has a profound impact on the livelihood and food security 

of pastoral household in affected areas. The economic losses associated with PPR 

are not only direct through reduction in animal production and high death rates but 

also indirect through trade losses due to restrictions on animal movements. 

Diagnosis of PPR is usually made by clinical observations and in typical cases the 

animals show characteristic clinical signs. However, due to the presence of 

aggravating factors and concurrent infections, the disease may be confused with 

several other diseases. Confusion of PPR with pneumonic pasteurellosis and other 

pneumonic diseases of small ruminants have delayed its recognition in some 

countries. In East Africa, the disease has continued to spread despite widespread 

vaccination. This illustrates that the disease epidemiology and manifestation are not 

well understood or described since it is relatively new. In Kenya, the description of 

clinical and pathological changes of PPR has not been done in a controlled 

experiment. This has hampered the clinical diagnosis of the disease. PPR infections 
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in Kenya are suspected to have originated from Uganda and Ethiopia where it is 

endemic, and then it spread to Turkana and Moyale. The virus isolates in Kenya may 

be different in virulence from isolates from other regions. Therefore, there is need 

to describe the characteristic clinical signs of PPR caused by the isolates of the virus 

in Kenya. This will support the clinical diagnosis of this new disease that is 

frequently confused with contagious caprine pleural pneumonia by field 

veterinarians. Quick laboratory confirmation of PPRV is very important if 

appropriate control measures are to be effective in the control and eventual 

eradication of PPR. Currently, the most accurate, fast, reliable and convenient 

laboratory method for confirmation of PPRV is the Real time reverse transcriptase 

PCR but this method has, however, not been tested for applicability. 

1.3 Broad objectives 

The broad objective of the study is to assess the diagnosis of Peste des petits 

ruminants through description of clinical course and pathological changes in sheep 

and goats experimentally infected with Kenyan isolates of PPRV and to validate real 

time reverse transcription polymerase chain reaction in the diagnosis of PPR. 

1.3.1 Specific objectives were; 

(1) To determine the clinical course of experimental Peste des petits

ruminants infection in sheep and goats in Kenya.

(2) To determine the pathological changes in experimentally infected sheep

and goats.

(3) To validate use  of Real time PCR analysis in diagnosing  PPRV

infection
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1.4 Hypothesis 

The experimental form of the PPR disease in Kenya does not present the classical 

clinical disease and pathological changes similar to those observed in naturally 

infected animals. 

The Real time reverse transcriptase PCR analysis cannot be used to diagnose PPRV. 

.  
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CHAPTER 2: LITERATURE REVIEW 

2.1 Peste des petits ruminants (PPR) disease. 

Peste des petits ruminants is a highly contagious and infectious viral disease of goats 

and sheep characterized by fever stomatitis, gastroenteritis and pneumonia (Furley 

et al, 1987). The clinico-pathological observations of Petits Ruminants virus   in 

Sheep and Goats infection and the hematological, serological and virological 

findings in sheep and goats experimentally infected have been described (Maina (a), 

(b) et.al., 2015). 

2.2 Aetiology 

Peste des petits ruminants is caused by a peste des petits ruminants virus (PPRV). 

The virus has been classified under Family Paramyxoviridae, Genus Morbillivirus 

along with rinderpest virus, measles virus, canine distemper virus, phocine 

distemper virus and dolphin morbillivirus (Tober et al,1998). Cross neutralization 

and electron microscopy studies have shown that PPRV has great structural, 

biological, genetic and molecular characteristics similar to those of other members 

in the genus. Like other members of the family Paramyxoviridae, PPRV is an 

enveloped pleomorphic particle with a diameter of intact particles varying between 

130-390 nm. The genome of the virus is linear, non-segmented, single stranded RNA 

of negative polarity measuring approximately 15–16 kb in size and 200 nm diameter. 

The nucleocapsids have a characteristic herring-bone appearance and measure 

approximately 14-23 nm in thickness (Durojaiye et al, 1980). The nucleocapsid 

protein (N) which is the most abundant viral protein both in the virion and in infected 

cells (Diallo et al, 1987), directly associates with the RNA genome to form the 

typical herring bone structure of morbillivirus nucleocapsids. The N protein does not 
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induce protective immunity against the virus but it is the most immunogenic among 

PPR proteins hence the reason why it has been extensively used to identify the most 

immunogenic region in PPRV-N protein (Dechamma et al, 2006). The N protein has 

also been used to classify PPRV into four lineages to reflect their geographical origin 

(Diallo et al, 2007). The viral envelope which is derived from the host cell membrane 

has three viral proteins: the matrix protein (M) which is located inside the envelope 

and serves as a link between the nucleocapsid and the other two external viral 

proteins, the fusion protein (F) and the haemmagglutinin protein (H). By this 

position, M plays an important role in ensuring efficient incorporation of 

nucleocapsids into virions during the virus budding process. The haemagglutinin 

protein (H) allows the virus to bind to the cell receptor during the first step of the 

viral infection process. By their positions and their functions, both F and H are very 

important for the induction of protective host immune response against the virus 

(Diallo et al, 2007). 

2.3 Epidemiology and Distribution of PPR. 

Peste des petits was first reported in Ivory Coast, West Africa, in 1942 as a severe 

disease affecting sheep and goats but not transmissible to large ruminants since in-

contact cattle did not show clinical disease (Gargadenne and Lallanne, 1942). At the 

time, different names such as pseudorinderpest, stomatitis pneumoenteritis and 

ovine rinderpest were used to describe the disease. In 1979, the disease was given a 

French name peste des petits ruminants because of its clinical, pathological and 

immunological similarities with rinderpest (Gibbs et al, 1979). After this first report, 

the disease was later reported in other West African countries and by 1979 it had 

been confirmed in Nigeria, Senegal, Togo and Benin. Recently new cases of PPR 

infections have been reported from Burkina Faso in 2008, Ghana and Senegal in 

2010 (El Yuguda et al, 2010). PPR infections have continued to spread and current 
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epidemiological investigations indicate that PPR has broadened its territory towards 

south of Africa.  In Eastern Africa PPRV has been reported in all countries of East 

Africa except Djibouti, Burundi and Rwanda where it has probably never been 

investigated.  In Eritrea, a clinical description of the disease and diagnosis based on 

serological tests has been reported since 1994. Unfortunately these studies could not 

differentiate PPR virus from rinderpest virus infections (Anonymous, 1994) and 

viral antigen was confirmed later in conjuctival epithelial cells following a series of 

outbreaks recorded in Asmara region in 1998 (Sumption et al, 1998).  

In Sudan, a rinderpest-like disease was first observed in three areas of Eastern Sudan 

in 1971 and 1972 which was suspected to be rinderpest due to cross reactivity and 

the ability of RP serum to neutralize the virus (Hag and Ali, 1973). However, virus 

isolation from the same samples and its ability to cause disease in sheep and goats 

confirmed that the causative agent was PPRV (Hag et al, 1984). The disease was 

later reported in Sinnes area of Central Sudan in 1971-1972 (Rasheed, 1992) and in 

areas of Western Sudan in 1972 from goats and sheep respectively (Hassan et al, 

1994). The disease has since remained endemic as can be realized from disease 

description in sheep and goats in Khartoum state (Zeidan, 1994; El Amin and 

Hassan, 1998), PPR outbreaks in Gizira state, White Nile state, North Kordofan state 

and River Nile state during 2000-2002 (Intisar et al, 2007). 

In Ethiopia PPR was first suspected in 1977 in Afar region of East Ethiopia (Pegram 

and Tereke, 1981) and it was not until 1984 that the disease was confirmed clinically 

and serological evidence provided (Taylor, 1984). The disease was also reported in 

1994 when about 60% of a goat herd succumbed in the South of Addis Ababa. A 

sero prevalence of 33% and 67% in sheep and goats, respectively was reported in 

selected urban areas (Rodger and Berret, 1999). However by late 1990s the virus had 

circulated extensively among the small ruminant population of Ethiopia and the 
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disease had become one of the most economically important livestock diseases in 

the country (Gopillo, 2005). Several reports in Ethiopia have demonstrated the 

presence of PPRV antibodies in camels indicating that camels are also infected by 

PPRV (Ismail et al, 1992; Haroun et al, 2002). 

In Kenya, the disease was first suspected in 1992 (FAO, 2008) and confirmed in 

Oropoi and Lokichogio divisions of Turkana District in 2006 (Pro Med-Mail, 2008). 

The disease has since spread to all arid pastoral districts in Kenya (Kihu et al, 2012). 

According to the Ministry of Livestock Development, about 23 million sheep and 

goats valued at 16.1 billion were likely to die of the disease (Martin et al, 2012). 

In Asia, PPR was first diagnosed in India in 1987 (Shaila et al, 1989). The disease 

was later reported in Pakistan in 1994 (Amjab et al, 1996) and has now spread to 

countries of Arabian Peninsula, South Asia and Middle East where it has remained 

as an endemic disease. Peste des petits ruminants has recently been reported for the 

first time in China, Nepal and Tajikistan (Arzt et al, 2010). Currently, PPR has been 

serologically confirmed in most countries of the Africa continent, Central, Middle 

and South Asia, Middle East and Arabian Peninsula (Kaykarbayevich, 2009). 

Based on fusion (F) and nucleocapsid (N) genes, PPRV can be classified into four 

lineages. Peste des petits ruminants viruses belonging to lineage 1 and 2 have been 

exclusively isolated from countries in West Africa. Lineage 1 is considered a typical 

African lineage and is very close to lineage 4. Lineage 3 is restricted to Middle East 

and East Africa while lineage 4 is considered a new lineage comprising newly 

emerging viruses (Shaila et al, 1996; Dhar et al, 2002). Lineage 3 has been 

confirmed in Northern Tanzania along the border with Kenya (Kivaria et al, 2013). 

Peste des petits ruminants virus antibody detection using competitive enzyme-linked 
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immunosorbent assay (ELISA) is widely used to determine the geographic origin of 

field strains of PPR virus. 

2.4 Host range and pathogenicity 

The natural disease affects mainly goats and sheep, but it is usually more severe in 

goats where, it causes severe morbidity and mortality and is only occasionally severe 

in sheep (Raghavendra et al, 2000). Different goat breeds as well as individual 

animals, vary in their susceptibility to PPR. Among African breeds, the Guinean 

breeds are more susceptible than Sahelian breeds (Lefevre and Diallo, 1990). 

European breeds are also readily susceptible. Age is also important, with animals 

aged 3–18 months being severely affected compared to adults or un-weaned young 

animals. Although Mormet et al (1956) reproduced the disease with mortality in 

calves experimentally infected with PPRV infected tissue, no natural outbreak has 

been reported in cattle. It is generally admitted that cattle can only be infected sub-

clinically. However, it is possible that cattle in poor health may develop lesions 

following PPRV infection, clinical signs of which would be ascribed to Rinderpest 

(Gibbs et al, 1979). 

A severe experimental form of disease has been reproduced in sheep and goats 

(Bundza et al, 1988). Pigs can be sub-clinically infected with PPR but they do not 

transmit the virus and therefore are not considered to be important in the 

epidemiology of PPR (Nawathe and Taylor 1979). Although it has been 

demonstrated that clinical disease can occur in experimentally infected animals, 

Mann et al. (1974) suggested that the successful transmission of the acute disease 

may require more than one challenge. Moreover some authors suggest that a more 

severe disease results from mixed infection of bacteria and viruses than a single 

infection ( Nussieba et al, 2009) 
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Peste des petits ruminants also affects wildlife both under field conditions and 

experimentally (Hamdy et al, 1976). Antelope and other small wild ruminant species 

can also be severely affected (Abu Elzein et al, 2004). A case of clinical disease has 

been reported in wildlife resulting in deaths of gazelles (Gazella dorcus), ibex 

(Capra ibex nubiana), gemsbok (Oryx gazelle) and Laristan sheep (Ovis orientalis 

laristanica) (Abu Elzein et al, 2004). The American white tailed deer (Odocoileus 

virginianus) can be infected experimentally with PPRV (Hamdy et al, 1976). 

The sero-prevalence of up to 10% has been reported in camels with natural 

transmission of PPRV under field conditions in Ethiopia (Abraham et al, 2006). 

Experimental infection of camels in Saudi Arabia with PPR virus resulted in only 

subclinical infection or mild respiratory disease; infection was transmitted to other 

camels and goats but not to sheep (El-Hakim, 2006). An overall individual animal 

level sero-prevalence of 2.6% in camels has been reported in northern Tanzania. All 

positive sera were from home bred camels with at least one seropositive animal 

detected in camels reared in herds. Amongst the risk factors that were examined, age 

category � 5-10 years old appeared to be at risk (Swai et al, 2011). 

Clinical, PPR cases in camels have been reported in Kassala state, Eastern Sudan 

(Khalafalla et al, 2010). Clinically the disease was characterized by sudden death of 

apparently healthy animals and yellowish and later bloody diarrhea and abortion. 

Mild signs that included subcutaneous edema and submandibular swelling, chest 

pain and infrequent coughing, decreased milk production, loss of weight and 

increased water consumption appeared in some cases and persisted for 10–14 days. 

Mortality rate ranged between 0% and 50% and varied in accordance with the area.  
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2.5 Transmission 

Peste des petits ruminants virus is transmitted by close contact between infected and 

non-infected susceptible animals, which is likely to occur in common grazing areas. 

Infected animals shed PPRV in exhaled air, in secretions, and excretions 

approximately 10 days after the onset of fever. Sneezed or coughed out droplets by 

infected animals contain large amounts of virus which can spread infection. 

Transmission between animals in the vicinity can occur through inhalation over a 

distance of about 10 meters. Infected formites can act as source of infection although 

it is unlikely considering the rapid inactivation of the PPRV in external dry 

conditions. Peste des petits ruminants can be transmitted to the offspring by feeding 

them milk from infected dam. The virus is thought to be present in milk from 1-2 

days before the signs appear and last until 45 days after complete recovery although 

the exact survival has not been demonstrated (Lefevre and Diallo, 1990). 

The virus can be transmitted experimentally through different parenteral routes; 

intra-tracheal route, subcutaneous injection of the virus (Couacy-Hyman et al, 

2007), intranasally (Adam et al, 1988) or by contact (Durojaiye, 1980). Peste des 

petits ruminants virus for experimental infection can be prepared from tissue culture 

after passages in fetal lamb testis monolayer cell cultures or can be obtained as a 

stock virus prepared from spleen of a goat that is infected and killed at the peak of 

fever (Bundza et al, 1988).  

Osman et al (2009) reproduced PPR disease experimentally using 4th passage of two 

Sudanese PPR viruses isolated from sheep and goat cultured in Lamb testis cells. 

The experiment revealed observable clinical signs and post mortem lesions in 

infected animals. However a repeat challenge of the same infected animals with 

virulent PPRV which was carried out at day 21 post infection did not show any rise 

in body temperature or any other sign of the disease. The experiment demonstrated 
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that experimental infection of goats with PPRV results in a mild disease which has 

high morbidity but low mortality in contrast to natural infection. Successful 

experimental transmission of the acute disease may require more than one challenge 

(Mann et al, 1974). A combined experimental infection of Mycoplasma capri and 

PPR in goats produces a much more severe disease than a single infection with 

PPRV (Onnoviran et al, 1984). Poor nutrition status, stress of movement and 

concurrent parasitic and bacterial infections enhances the severity of clinical signs 

(Saliki, 1998). 

2.6 Clinical Manifestations 

Peste des petits ruminants severity can be classified as per-acute, acute, sub-acute or 

sub-clinical depending upon the extent of predisposing factors and the virulence of 

the virus (Obi et al, 1983; Kulkarni et al, 1996). The per-acute form of disease is 

observed in kids less than 4 months old soon after depletion of maternal immunity. 

This form of disease has a short incubation period of less than 2 days which is 

followed by fever of up to 40-42oC that persist for the next few days. The animal 

becomes progressively depressed, anorexic and the mucous membranes become 

congested and occasionally erosion can be seen. Oculo-nasal discharges develop 

leading to dyspnea. Death occurs at the end of this phase due to profuse diarrhea that 

occur within 4-5 days of pyrexia (Braide, 1981). 

The acute form of PPR is the predominant form in field conditions. The disease has 

an incubation period of 2-4 days but may range between 3 and 10 days during which 

the virus replicates in the draining lymph nodes of the oro-pharynx before spreading 

via the blood and lymph to other tissues and organs including the lungs (Taylor, 

1984). The characteristic clinical signs of this form begin with a sudden rise in body 

temperature to 40–42°C, which may last for 5-8 days, followed by signs of 
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pneumonia. With the onset of fever, the animals suffer loss of appetite and become 

severely depressed. Sick animals develop nasal discharges that are initially clear but 

later become grey and sticky due to secondary bacterial infection. These discharges 

may remain mild or may progress to severe inflammation of the mucous membrane 

of nose that is characterized by the presence of exudates that crust and block the 

nostrils and cause respiratory distress. Affected animals breath fast, sometimes so 

fast that they exhibit rocking movements with both the chest and abdominal walls 

moving as the animal breathes. Severely affected cases show difficult and noisy 

breathing marked by extension of the head and neck, dilation of the nostrils, 

protrusion of the tongue and soft painful coughs. The conjunctiva may be congested 

with matted eyelids. One to two days after the fever develops the mucous membrane 

of the mouth and the eye become congested, epithelial necrosis then follow and 

causes erosions in the gums, dental pad, palate, lips, inner aspects of the cheeks and 

upper surface of the tongue (Anna and Roth, 2006). Diarrhea commonly appears 

about two to three days after the onset of fever. The feces are initially soft and then 

watery, foul-smelling and may contain blood streaks and pieces of dead gut tissue. 

Where diarrhea is not an obvious presenting sign, the insertion of a cotton wool swab 

into the rectum may reveal evidence of soft feces which may be stained with blood. 

Severely affected animals develop profuse, non-hemorrhagic diarrhea resulting in 

severe dehydration which may progress to emaciation with sunken eyeballs and 

death within 5-10 days. Other animals may recover after a protracted convalescence. 

The prognosis of the disease and the outcome in the individual animal depends on 

the nature and extent of the mouth lesions. Prognosis is good in cases where oral 

lesions resolve within 2-3 days. It is poor when extensive necrosis and secondary 

bacterial infections result in fetid odor from the animals’ mouth (Anna and Roth, 

2006). 
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Occasionally, animals may suffer the sub-acute form of this disease. This form has 

a longer incubation period of about 6 days. Sub-acutely affected animals are not 

severely affected and lack characteristic clinical signs and therefore mortality is 

usually very low. Lesions such as oral crusts due to mucosal discharges may appear 

making the disease to be confused with contagious ecthyma. Infected animals 

develop low grade pyrexia (39-40oC) and recover in 10-14 days and remain immune 

protected (Diallo, 2006). Other than sheep and goats, large animals may occasionally 

be infected naturally with the sub-clinical form of the disease. These animals do not 

show clinical signs but are at least testable for antibodies against PPRV (Taylor, 

1984). 

In contrast to natural PPR infections, experimental infection of susceptible animals 

with PPRV results in a clinical disease with high morbidity rate and low mortality 

rate (Nussieba et al, 2009). Successful transmission of acute disease in 

experimentally infected sheep and goats may require more than one challenge (Mann 

et al, 1974). The more severe form of disease results from mixed infections of 

bacteria and viruses rather than by single infection. Onnoviran et al (1984) reported 

that a combined infection of Mycoplasma Capri and PPR was found to be much 

more severe in goats than infection by a single agent. Poor nutrition, stress of 

movement and concurrent parasitic and bacterial infection may enhance severity of 

clinical signs (Saliki, 1998). 

2.7 Hematological changes 

Hemorrhages in the digestive system and the liver reduce number of erythrocytes 

and hematocrit values significantly in animals naturally infected with PPRV. The 

virus has affinity for lymphoid organs contributing to marked immune-suppression 

as indicated by leucopenia, monocytes depletion and lymphopenia. These 
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observations are predominant particularly during acute phase of disease (Rajak et al, 

2005). The number of eosinophils may remain unaltered because these cells are 

primarily associated with parasitic infections (Sahinduran et al, 2012). On the other 

hand; the vaccine virus induces only a transient lymphopenia without significantly 

affecting the immune response to nonspecific antigen or to itself. In an experimental 

study on immunosuppressive effects of PPRV in goats, Rajak et al (2005) reported 

significant leukopenia from days 6 to 10 post infection in goats innoculated with 

virulent PPRV. A gradual and moderate decrease in lymphocyte count was also 

evident in the same animals from days 6 to 8 post infection. Lymphopenia was 

attributed to lymphocyte trapping in the lymphoid tissues that may occur early 

during induction of immune response following local replication of virus. 

Kataria et al (2007) reported high red blood cells (RBCs), hemoglobin concentration 

(HGB) and packed cell volume (PCV) values and low white blood cells (WBC) 

value in lambs and sheep infected with PPRV. Conversely, Ismail et al (2011) 

reported high WBCs, mean corpuscular volume (MCV), mean corpuscular 

hemoglobin (MCH) and mean corpuscular hemoglobin concentration (MCHC) but 

low HGB, RBCs, PCV and thrombocytes in lambs infected with PPR. The difference 

between hematological findings in these studies was attributed to different phases of 

disease, presence of secondary bacterial infection and nutrition or dehydration 

degree of the animal. Thus the hematological picture of PPR may vary between 

studies due to both internal and external factors. 

2.8 Post mortem findings and histo-pathological lesions 

In naturally infected animals, the carcass is usually emaciated, the eyes and nose 

have a dirty white to grey discharges and animal’s rear is often covered with foul 

smelling, watery feces. Lips may be swollen with erosions and possibly scabs or 
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nodules which develop in late stages. The nasal cavity is congested and lined with 

clear or creamy exudates and erosions. Inflammatory and necrotic lesions occur in 

the oral cavity and throughout the gastrointestinal tract. The most severe lesions are 

located in the large intestines with ‘zebra stripes’ of congestion on the mucosal fold 

of posterior colon. Lymph nodes are generally congested and enlarged (Anna and 

Roth, 2006). The lung is dark red or purple with areas that have firm consistency 

mainly in the anterior and cardiac lobes (Roeder et al, 1994). 

Postmortem lesions in experimentally infected animals occur in various organs. 

Erosions develop on the soft and hard palate, tongue, lips, esophagus, pillars of 

rumen, leaves of abomasum and intestines. Some animals develop severe 

hemorrhage and ulcers in and near ileo-cecal valve. Body lymph nodes are slightly 

enlarged and edematous and the spleen is congested (Bundza et al, 1988). 

Histopathology shows hydropic degeneration of epithelial cells at the edge of 

erosions in the oral mucosa. Body lymph nodes show depletion of lymphoid cells, 

infiltration of macrophages in the germinal centre and sinuses, pyknosis and 

karyorrhexis of lymphoid cells. Spleen exhibits extensive hemorrhage, necrosis and 

hemosiderin deposits. In the lungs, there is diffuse interstitial pneumonia with 

occasional eosinophilic inclusions in the nucleus of pneumonocytes. Small intestines 

show degenerated villi, cellular casts in the crypt; depletion of lymphoid cells in the 

peyer’s patches and eosinophilic inclusions in the nucleus of epithelial cells. Some 

sections of small and large intestines show ulcerated mucosa and sub-mucosal 

hemorrhage (Bundza et al, 1988). 
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2.9 Immune response to PPRV infection 

Peste des petits ruminants virus infections and vaccination induce immunity that is 

protective for the rest of the host’s life. This protection is independent of the PPRV 

lineage. Suckling lambs acquire passive immunity via the colostrums from 

previously exposed or vaccinated dams. This immunity last for 3-4 months and 

antibodies are detectable until four months of age in virus neutralization test but only 

3rd month in c-ELISA (Libeau et al, 1992). Lambs and kids should be vaccinated at 

ages of four and five months respectively as recent studies indicate that lambs and 

kids are protected from PPRV until ages of three and a half to four and a half month 

(Awa et al, 2003). Vaccination and infections with morbillivirus leads to 

development of high quality antibodies. However protection by antibodies seems 

only to be possible with homologous virus since B cell epitopes are not totally 

conserved among the morbillivirus. Epitopes on N protein of B cell, which are 

produced after infection or vaccination with PPRV, can be divided into four 

antigenic domains, A-1, A-11, C-1 and C11 (Choi et al, 2005). The B cell epitopes 

of HN have also been determined (Renukaradhya et al, 2002). 

The surface glycoproteins, hemaglutinin (H) and fusion (F), of morbillivirus are 

highly immunogenic and can generate active immunity against PPRV. Vaccination 

using heterologous vaccine has shown that H and F proteins of RPV give protection 

against PPRV challenge but virus neutralization antibodies are only present for RPV 

(Jones et al, 1993). Goats and sheep develop both humoral and cell mediated 

immune response when vaccinated using a recombinant HN protein of PPRV 

(Sinnathamby et al, 2001). The generated antibodies can neutralize both PPRV and 

RPV.  Recombinant nucleocapsid proteins (N) of RPV and PPRV injected into mice 

have shown that cellular immune response generated is both antigen specific and 

cross reactive between each virus. This is attributed to a conserved epitope found on 
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the T cells (Mitra- Kaushik et al, 2001). The H and HN proteins of RPV and PPRV 

also seem to have these conserved T cell epitopes (Sinnathamby et al, 2001). 

Serum samples collected from experimentally infected goats and tested for PPRV 

antibodies by c-ELISA reveals traces of antibodies from 7th day post infection, that 

continue to rise till day 28 post infection and drops on 30th day post infection. The 

titer of antibodies induced by PPRV starts from weak positive (PI 51-70%) at 7th day 

post infection to moderate (PI 73-82%) at day 21 post infection to strong positive 

(PI 85-90%) at following days till day 28 post infection. At day 30 the antibody titer 

recorded is less than in day 28 post infection (Nussieba et al, 2009). 

2.10 Diagnosis 

The diagnosis of PPR virus infections may be achieved by a combination of clinical 

signs and epidemiology, gross and microscopic pathological lesions, virus isolation 

and characterization and serological tests designed to detect virus antigen or 

antibody (Obi and Patrick, 1984). Tentative clinical diagnoses are confirmed by 

laboratory diagnosis. 

2.11 Virus isolation 

PPR virus can be isolated from heparinized blood, eye and nasal swabs (from live 

animals), tonsil, mesenteric lymph nodes, spleen, section of colon and lung. For 

successful isolation, samples must be collected during the hyperthermic phase and 

submitted to the testing laboratory in cold ice (Lefevre, 1987). 

Primary lamb kidney, ovine skin and vero cells are the most widely used cell culture 

systems (Taylor and Abegunde, 1979, Hamdy et al, 1976). Unfortunately, PPRV 

isolation using such cells is not always successful on first passage and may require 
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multiple blind passages (OIE, 2011). The sensitivity of virus isolation technique 

could be increased when the virus is grown in lamb and goats kidney cells (Taylor, 

1984). Vero cells are more preffered and widely used  because of their continuity 

and low liability of contamination. Other continous cell lines including BHK-21 and 

MDBK have been used for PPRV isolation (Lefèvre, 1987). Vero cells, derived from 

African green monkey kidney are currently the most widely used cell line for PPRV. 

Appearance of cytopathic effects (CPE) may require at least 8-10 days or several 

blind passages. Recently derivatives of cell lines (Vero, CV1) expressing 

morbillivirus receptor, the signalling lymphocyte activation molecule (SLAM or 

CD150), have been developed that can enable isolation of field viruses from 

pathological specimens in less than one week, without requirement for blind 

passages. These include a derivative of the monkey cell line CV1 expressing goat 

SLAM (Adombi et al, 2011) and derivatives of Vero cells expressing dog SLAM. 

The CPE produced by PPR virus develop within five days and consist of cell 

rounding and aggregation culminating in syncytia formation in lamb kidney cells 

and cell lines expressing SLAM. In Vero cells, the CPE produced by PPRV consist 

of cell rounding, clumping into typical grape-like clusters, formation of small 

syncytia and appearance of long fine often anastomosing “spindle cells” (Hamdy et 

al., 1976). 

2.12 Laboratory Identification of the agent 

The following tests can be used to detect PPR virus. 

2.12.1 Agar gel immune-diffusion (AGID) 

This test is simple and inexpensive and can be performed in the laboratory or in the 

field but it is not sensitive enough to detect mild forms of PPR due to low quantity 
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of viral antigen that is excreted (OIE, 2009). Agar gel immuno-diffusion is widely 

used and has a sensitivity of 42.6% in antemortem specimens and necropsy 

specimens (Obi and Patrick, 1984; Abraham and Berhan, 2001). 

2.12.2 Immunocapture enzyme-linked immunosorbent assay 

Immuno-capture ELISA utilizes monoclonal antibodies directed against the 

nucleocapsid protein (Libeau et al, 1994). An immuno-capture ELISA test using 

PPR specific monoclonal antibody (clone 4G6) to an epitope of nucleocapsid protein 

has been developed (Singh et al, 2004). The test uses polyclonal sera to capture the 

antigen from clinical samples (swabs and tissues). Captured antigens from clinical 

samples are detected using PPR specific monoclonal antibodies. Monoclonal 

antibody based immuno-capture ELISA test has been proved to be very simple and 

efficacious for the diagnosis of PPR infection under field conditions (Libeau et al, 

1994). Antigen capture ELISA has been found rapid, sensitive and virus specific 

than the AGID for PPRV detection. Even if the cold chain for the specimen is 

compromised for a day or two during sample collection and submission, the 

specimens are still found suitable for testing by ELISA (Abraham and Berhan, 

2001). 

2.12.3 Immuno-peroxidase staining 

Immuno-peroxidase staining is analogous to immune-fluorescence and localizes 

viral antigens in cells using enzyme labeled immunoglobulins. The technique has 

advantage of producing permanently stained preparation examinable under light 

microscope. Immuno-peroxidase staining has been used in in-situ detection of PPR 

virus antigen in skin papules around the mouth of sheep experimentally infected with 
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PPR virus (Al-Naeem and Abu EL-zein, 2007).  This test is sensitive and specific 

and easy to perform but time consuming (Jorge et al, 2004). 

 

2.12.4 Reverse Transcription Polymerase chain reaction (RT-PCR) 

Reverse transcription PCR assay precludes the need for virus isolation and, because 

of the rapidity with which completely specific results could be obtained, the assay 

appears to be the test of choice for PPRV detection (Nanda et al, 1996). Saiki et al 

(1989) first demonstrated the efficiency of amplifying in vitro a selected sequence 

flanked by two oligonucleotide primers of opposite orientation. The method 

consisted of repetitive cycles of DNA denaturation, primer annealing and extension 

by a DNA polymerase effectively doubling the target with each cycle leading, 

theoretically, to an exponential rise in DNA product.  

In a study of genetic relationship between PPR viruses of different geographical 

origin by sequencing a 322 nucleotide complementary DNA fragment of fusion 

protein gene generated using reverse transcriptase polymerase chain reaction, Shaila 

et al (1996), identified four separate lineages of PPR virus. Virus isolates from Asia 

over the previous two years were found to be of one lineage, which had not 

previously been recorded in Africa or Asia.  

An assay based on the rapid purification of RNA on glass beads followed by the 

reverse transcription-polymerase chain reaction (RT-PCR) has been developed 

(Couacy-Hymann et al, 2002). A set of primers (NP3/NP4) were used to amplify 

specifically a fragment of about 350 bp in the 3’ end of the RNA messenger that 

encodes the nucleocapsid protein of the peste des petits ruminants virus. The PCR-

product was detected by UV illumination after electrophoresis on agarose gel. In 

comparison with the conventional titration technique on Vero cells, this RT-PCR 

assay was 1000-fold more sensitive. 
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Reverse transcription polymerase chain reaction using purified viral RNA has been 

easily adopted for direct detection of PPR virus in clinical field samples. A single 

tube one step multiplex RT PCR has been used to amplify fragments on N and M 

genes of PPR virus. The test has a high sensitivity. Compared with a two step assay, 

the one step assay is easier and time saving as it requires just a single buffer for 

reactions. This method has been used to detect various pathogens in clinical samples. 

In experimentally infected goats, PPR virus has been detected by one step RT PCR 

in nasal and ocular swabs 7-17 days post-infection and in oral swabs 7-15 days post-

infection (Kim et al, 2000). One step RT PCR has advantage of being more sensitive, 

quicker and cheaper and it minimizes chances of carry over contamination (Shaila 

et al, 1996). 

A highly sensitive and specific reverse transcription polymerase chain reaction 

enzyme linked immunosorbent assay (RT-PCR-ELISA) has been developed for 

detection of nucleoprotein (N) gene of PPRV from field outbreaks or experimentally 

infected sheep (Senthil Kumar et al, 2007). The test utilises two primers (IndF and 

Np4) and one probe (Sp3) designed for the amplification of the ‘N’ gene of PPR 

virus. These primers and probe are chosen for labeling and use in RT-PCR-ELISA 

based on highest analytical sensitivity of detection of infective virus or N-gene 

containing recombinant plasmid, higher nucleotide homology at the primer binding 

sites of the ‘N’ gene sequences available and the ability to amplify PPR viral genome 

from different sources of samples. RT-PCR-ELISA is a sensitive, specific and semi-

quantitative technique to detect PPRV from large numbers of field samples from 

endemic areas and has been found to be 10 times more sensitive than RT-PCR 

(Senthil Kumar et al, 2007). 

Rapid and specific taqman based one step real time quantitative reverse transcriptase 

polymerase chain reaction (qRT-PCR) has been described for detection of PPRV. 
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Primers and probes are labeled on the nucleocapsid protein gene sequence. The RT 

PCR has been used to detect PPR isolates from very distinct geographical areas 

including Africa, Middle East and Asia (Bao et al, 2008). RT-PCR generates 

complete results within 3 hours hence can be used as a rapid diagnostic tool. The 

sensitivity of real time RT-PCR assay increases one log unit over that of 

convectional RT-PCR (Shaw et al, 2007). 

Real time RT-PCR has several advantages over conventional RT-PCR. Firstly, it is 

more rapid and sensitive. Secondly, it is performed in a closed one tube system and 

avoids potential cross contamination during sample preparation for post PCR 

analysis (Bao et al, 2007). 

Samples for viral RNA detection by RT-PCR must be kept chilled in transit to the 

laboratory. In live animals, swabs are made of the conjunctival discharges and from 

the nasal and buccal mucosae. During the early stages of the disease, whole blood is 

also collected in anticoagulant for virus isolation. At necropsy, samples should be 

collected aseptically from lymph nodes, especially the mesenteric and bronchial 

nodes, lungs, spleen and intestinal mucosae, chilled on ice and transported under 

refrigeration (FAO, 2008). PPRV can be  detected in frozen tissues kept at -20 oC 

upto one year after storage. 

2.13 Serology 

2.13.1 Virus neutralization test (VNT) 

The test is sensitive and specific but time consuming and expensive (Rossiter, 1994). 

2.13.2 Competitive FLISA. 

Competitive enzyme linked immunosorbent assay (C-ELISA) has been described, 

based on the use of monoclonal antibodies (MAbs) that recognise virus proteins. 
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They are of two types: those where the MAb recognises the N protein and use 

recombinant N protein produced in baculovirus as the antigen (Choi et al, 2005; 

Libeau et al, 1995); and those with hemaglutinin protein (H) specific MAb and 

antigen consisting of purified or part-purified PPRV (vaccine strain) (Anderson & 

McKay, 1994; Saliki et al, 1993; Singh et al, 2004). All the assays work on the 

principle that antibodies to PPRV in test sera can block the binding of the MAb to 

the antigen. 

In the N-protein c-ELISA, the serum antibodies and the MAb compete for specific 

epitope on nucleoprotein obtained from recombinant baculovirus. Though no cross-

reaction in N-protein c-ELISA has been reported, a high level of competition up to 

45% has been observed among the negative (Libeau et al, 1995). Competitive 

ELISA detecting anti-H antibodies are based on competition between an anti-H 

monoclonal antibody (MAb) and serum antibodies (Saliki et al, 1993). A 

competitive ELISA test that uses monoclonal antibody to a neutralising epitope of 

hemaglutining protein of the virus has been developed for detection of antibodies to 

PPR virus in the sera samples of goats and sheep (Singh et al, 2004). Efficacy of c-

ELISA compared very well with virus neutralisation test (VNT) having high relative 

specificity (98.4%) and sensitivity (92.4%). These findings suggest that the c-ELISA 

test developed can easily replace VNT for sero-surveillance, sero-monitoring, 

diagnosis from paired sera samples and end-point titration of PPR virus antibodies. 

2.14 Control and Prophylaxis 

There is no specific treatment against PPR. Control of the disease in previously non-

infected countries can be effected through strict quarantine, movement controls, 

restriction of importation of sheep and goats from affected areas, rapid identification, 

humane slaughter, disposal of affected animals and burning or burying carcasses and 
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effective cleaning and disinfection of contaminated areas and clothing with lipid 

solvent solutions of high or low pH. PPRV has a half-life calculation of 2 hours at 

37°C and is destroyed at 50°C for 60 minutes. Effective disinfectant agents include 

alcohol, ether, phenol, sodium hydroxide and common detergents. In areas where 

PPR is endemic, the commonly employed control mechanism is vaccination (OIE, 

2009). 

2.15 Vaccination 

Although PPRV is classified into four lineages based on F and N genes, they all 

belong to a single serotype. Therefore vaccination using vaccine prepared from any 

of the lineage will provide protection against all the lineages. A live attenuated 

culture vaccine based on Nigeria75/1 strain is widely used for vaccination and 

immunization in almost all the PPRV endemic areas of the world. This vaccine is 

safe for pregnant dams and induces immunity in at least 98% of the vaccinated 

animals in the field (Diallo et al, 1995). This vaccine protects immunized small 

ruminants for a period of up to 3 years. The major drawback in using this vaccine is 

thermo stability especially since PPRV is a disease of tropical countries. Recently, a 

freeze dried form of this vaccine has been prepared in an excipient containing 

trehalose to make it thermo stable. This fortified vaccine is resistant to temperature 

as high as 45 degrees Celsius for 14 days with negligible loss in efficacy. The use of 

this vaccine to protect small ruminants will lead to effective control of PPR in 

developing countries (OIE, 2009). One of the most efficient ways to evaluate a 

thermo stable vaccine is to vaccinate and then challenge a group of test and control 

goats and sheep with a live field strain (Siddique et al, 2006). Other vaccines in 

development include a combined PPR and goat pox vaccine and recombinant marker 

vaccines whose use can lead to differentiation of vaccinated and naturally infected 

animals (Sen et al, 2010). 
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CHAPTER 3: MATERIALS AND METHODS 

During a PPR participatory disease survey in Turkana County under RUFORUM 

project (RU/CFP/CGS/TADS/09/1) in Loima District, carried out from 19th May to 

6th June 2011. Five active PPR suspect cases with typical signs of diarrhea, and 

oculo-nasal discharges were observed in four month old goat kids. Two goat kids 

were sacrificed and post mortem performed in the field. Two sets of tissue samples 

(mesenteric and mediastinal lymph nodes, lungs, spleen and large intestines) were 

collected aseptically in sterile universal bottles and placed in a cool box containing 

icepacks. The samples were then air lifted to Nairobi. One set was transported 

Central Veterinary Investigation Laboratories in Kabete, where PPR RNA was 

confirmed in all tissues through PCR while the other set was taken to University of 

Nairobi, upper Kabete campus, and stored in the deep freezer at -20oC. These 

samples were later used in the current study. 

3.1 Study design 

This study was designed following the OIE regulatory requirement for the animal 

use in research, testing or teaching (OIE, 2009). A pilot study was designed with the 

aim of testing the logistics of carrying out the larger experiment and to generate 

preliminary date to be used in confirmatory experiment (Michael, 2009). The sample 

sized is this study was determined based on previous similar studies done in Saudi 

Arabia (Abdulmohsen et al, 2009) and in Sudan (Nussieba et al, 2009). 

3.2 Pilot study 

A pilot study was designed to determine whether tissues collected from field were 

infective and if they could be used to reproduce the disease. Several apparently 

healthy goat kids, aged three months were tested for antibodies against PPRV by 



���

�

competitive ELISA. Two kids that tested negative were bought and transported to 

the University of Nairobi premises and housed in the isolation block located within 

the Department of Pathology, Parasitology and Microbiology. The two kids were 

allowed two weeks to acclimatize and were fed on hay and bran daily while water 

was provided for ad libitum. Tissue suspension (30% w/v) was prepared from tissues 

(lymph nodes, spleen, lungs and large intestines) collected from Turkana, by 

grinding 3 gram piece of each tissue with sterile mortar and pestle in 7ml PBS pH 

7.4 supplemented with antibiotics (2000 i.u of penicillin and streptomycin). About 

10ml of suspension from each tissue was prepared. The suspensions were collected 

in sterile universal bottles and were used to experimentally infect the two goat kids. 

The presence of PPR virus in the tissue suspensions was confirmed by RT-PCR. 

Each kid was inoculated with 2ml of mixed tissue suspension intransally. The 

remaining tissue suspension was stored in deep freezer at -20 degrees Celsius for 

future use. The animals were observed daily for development of PPR specific signs. 

The infected goat kids remained healthy for 4-5 days post infection. On day six they 

developed fever (41oC) and cough. Nasal and ocular discharges appeared on day 9 

and cleared by day 13. Severe foul smelling watery diarrhea set in on day 15 post 

infection and resulted in severe dehydration and death on day 18 post infection. Post 

mortem lesions observed were swollen lymph nodes, atelectasis of lungs, 

pneumonia, swollen spleen and congestion of the intestinal mucosa. Nasal and 

ocular discharges and blood in plain tubes for serum preparation were collected from 

sick animals before death and stored in deep freezer at -20oC. Competitive enzyme 

linked immune-sorbent assay was performed on serum samples collected from 

infected animals. These serum samples tested positive to rising antibody titers 

against PPR virus. Presence of PPR virus RNA was confirmed in nasal and ocular 

swabs by day 12 post infection. The positive infection of these goats in the pilot 
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study demonstrated the infectivity of PPR virus in tissue samples collected from the 

field. 

3.3 Experimental study 

Based on the results from the pilot study, a more elaborate experimental infection 

test was designed in order to follow clinical and pathological profile. Seven goats 

and seven sheep aged between 3-6 months that were tested to be negative for PPR 

antibodies by c-ELISA were purchased from Juja Farm, Thika, and transported to 

University of Nairobi, Department of Pathology, Microbiology and Parasitology. 

3.3.1 Housing and Feeding 

The animals were housed in the isolation unit located within the Department of 

Pathology, Microbiology and Parasitology, University of Nairobi. Before the 

animals were let in, the houses were thoroughly cleaned and disinfected using 

sodium hypochlorite diluted at the ratio of 1:5. The rooms were let to dry for one 

week before the animals were let in. The animals were divided into three groups (A, 

B, C). Group A had five goats; group B had five sheep while group C had two sheep 

and two goats. Group A and B were the treatment groups while group C was the 

control. Groups A and B were housed in different rooms located within the same 

area while group C was housed in a separate area for bio-safety measures. The 

animals were allowed two weeks to acclimatize and were fed daily on hay and bran 

daily at 9.00am while water was provided for ad libitum. Each animal was de-

wormed with valbazen® at a dosage of 15mg/kg body weight. Footbaths containing 

10% formalin were provided and placed at the entrance of each room for disinfection 

of all attendants handling infected animals. 
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3.3.2 Baseline Study 

All animals in the study were examined daily before infection for any signs of 

disease. Parameters including heart rate, pulse rate, respiratory rate and rectal 

temperature were monitored and findings recorded. Whole blood was collected in 

EDTA vaccutainers for hematology. Blood for serum was collected from animals 

using 5ml syringes, then emptied into universal bottles while nasal and ocular swabs, 

for virus identification by PCR were collected and placed in bijoux bottles 

containing minimum essential medium as transport media and stored in deep freezer 

at -20oC. 

3.3.3 Preparation of the inoculum 

Tissue suspension prepared during the pilot study and confirmed to be positive for 

PPR viral RNA by real time RTPCR ware used. Universal bottles containing these 

suspensions were removed from deep freezer and thawed at +4oC in the refrigerator. 

These suspensions were then placed in a cool box containing ice packs ready to be 

inoculated to experimental animals housed in the isolation units. 

3.3.4 Experimental inoculation of goats and sheep with PPR Virus tissue 

suspensions 

Each animal in the treatment groups (group A and B) was inoculated intranasally 

with 2ml of 30% mixed tissue suspensions (lungs, spleen, large intestines and lymph 

nodes suspensions). During infection, a small piece of sterile cotton swab was 

soaked with the suspensions and placed in the nasal cavity for about 5 minutes. The 

animal would be held with the head facing upwards so as to avoid sneezing out of 

the swab while allowing it to take deep breaths. Each animal in the control group 
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was ‘infected’ with 2ml of phosphate buffered saline using a swab soaked in the 

former.  

3.4 Clinical examination and samples collection 

All animals in the study were examined twice daily at 8.00 am and 4.00 pm for 

development of PPR specific signs as described by Roeder et al (1994). Animal 

examination was done with assistance of animal handlers who had been trained prior 

to this study, in order to standardize data recording process. Clinical signs examined 

for included anorexia, depression, fever oculo-nasal discharges, respiratory signs 

and lesions in the gastro intestinal tract. Anorexia and depression were monitored by 

observing the demeanor of each animal and the way it was feeding. Rectal 

temperature was examined by placing a digital thermometer in the rectum for five 

minutes and then recording the reading in degrees Celsius. The presence of ocular 

and nasal discharges was examined by checking the eyes and the nostrils of each 

animal. The discharges were examined for color, and consistency. The eyes were 

also examined for conjunctiva congestion and corneal clouding. Respiratory signs 

were examined by taking the respiratory parameters that included; respiration rate, 

type, rhythm and depth. The respiratory rate was examined by counting the numbers 

of breaths the animal took per minute. Respiratory type was determined by 

observation of the thoracic and abdominal movements during respiration. Rhythm 

and depth were examined by auscultation of the chest region using a stethoscope. 

The gastro-intestinal tract was examined for presence, location, size and distribution 

of oral lesions. The presence of oral discharges, its color, consistency and smell were 

examined and noted. Feces were examined for color, consistency, presence of mucus 

or blood or pieces of gut. All the findings were recorded in a data collection sheet 

for each animal. The animals were examined daily until when they were euthanized. 
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3.5 Collection of ocular swabs 

Ocular swabs for virus RNA detection by RT-PCR were collected on days 13 post 

infection when all infected animals exhibited ocular discharges. Each animal was 

restrained with the head positioned upwards. Ocular swabs were collected by 

inserting the swab into and swirling around the conjunctiva sac behind the eyelids. 

The procedure was repeated on the other eye using a different sterile swab. The swab 

holders were broken and the wet swab dropped into sterile bijoux bottles containing 

transport media and antibiotic, placed in a cool box and then stored in deep freezer 

at -20oC. 

3.6 Collecting blood for serum 

Blood for serum was collected from all animals in the study on days 6, 10 and 14 

post infections. Blood was collected from jugular vein. Each animal was left to stand 

with the neck being held in an extending position. The skin along the jugular groove 

was swabbed with alcohol to disinfect it. The jugular vein was located by pressing 

the jugular groove about 1 inch below the proposed point of entry and pulling the 

skin taut. The vein was approached in the same direction it is running while holding 

the needle (10ml) at an angle. About 5ml of blood was drawn from the vein and 

emptied into a plain universal bottle. The bottle was placed in a slanting position for 

the blood to form the clot at room temperature for 1 hour. Once the clot had formed, 

it was loosened from the walls of bottle to aid in retraction. The blood clot was then 

kept at 4oC overnight. The expressed serum was centrifuged at 2000 rpm for 15 

minute to sediment the erythrocytes. Clear straw colored serum was then transferred 

into labeled serum vials and stored in the deep freezer at -20oC. 
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3.7 Collection of blood for hematology 

Blood for hematology was collected from all animals as described on section 3.5 

above on day 10 post infection. 2 ml of blood was collected from the jugular vein 

into vaccutainers containing EDTA. The blood was taken to hematology laboratory 

in the Clinical Studies Department, University of Nairobi, for hematological 

analysis. 

3.8 Hematological analysis 

Blood samples with EDTA were used to determine white blood cell (WBCs), 

haemoglobin (HGB), red blood cell (RBCs), packed cell volume (PCV), mean 

corpuscular volume (MCV), mean corpuscular hemoglobin (MCH), mean 

corpuscular hemoglobin concentration (MCHC) and platelets (PLT) parametres 

using a blood cell counter (Beckman Coulter Gen-S Hematology Analyzer,USA).  

3.9 Post mortem examination   

Animals that became moribund during the course of disease were euthanized while 

the surviving ones were euthanized on day 20 post infection. Animals were 

euthanized by administering sodium pentobarbital intravenously (jugular vein) at a 

dosage of 60 mg/kg body weight. The exterior of the animal was examined. The state 

of body conformation, hair coat, skin, nose, mouth (lips, cheeks, gums, teeth, and 

tongue), eyes (eyelids, conjunctiva, cornea, sclera, and iris), ears, vulva and anus 

were determined. 

The carcass was placed on left lateral recumbency. The reflection of skin and limbs 

and examination of superficial organs was done as described by Thomas and Perry 

(2004). 
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3.9.1 Examination of oral cavity and thoracic viscera 

The tongue was removed from the oral cavity and reflected caudally together with 

tonsils, larynx and esophagus reflected caudally. The Sub-mandibular lymph nodes 

were aseptically collected using a sterile forceps and scalpel blade, placed in a sterile 

universal bottle and stored in cool box containing ice packs. An incision was made 

through the inter-mandibular muscle along the medial surface of the ramus of each 

mandible from the angle to the symphysis. Using the tongue as a handle, right and 

left paramedian incisions was extended from the larynx to thoracic inlet exposing 

the length of trachea and esophagus. The hyoid bones were cut dorsal to the pharynx 

to free the tongue, larynx, pharynx, trachea and esophagus as a unit. The dorsal and 

ventral surfaces of the tongue were examined. The esophagus was examined on the 

serosal surface and then opened longitudinally by mid-dorsal incision and mucosa 

examined for lesions. The larynx was opened mid-dorsally with scissors and the 

incision extended through the trachea to the lungs. Tissue sample from lungs were 

taken aseptically and placed in a sterile universal bottle and stored in the cool box. 

The lungs were grossly examined noting the color and consistency. The lung 

substance was palpated between finger and the thumb and presence of any firm areas 

recorded. The upper lung was removed and the bronchi and bronchioles opened and 

examined for exudates. Lung sections were collected in 10% formalin for 

hiatopathology. 

3.9.2 Examination of abdominal cavity and collection of tissue samples for RT 

PCR and histopathology 

The abdominal cavity was opened and tissue samples for virus identification 

aseptically collected using a sterile forceps and a scalpel blade. From sheep, 

mesenteric lymph nodes, intestines and spleen were collected while in goats, 
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mesenteric lymph nodes and intestines were harvested. These tissues were placed in 

a sterile universal bottle and stored in a cool box containing ice packs.  

The intestines were stripped off the mesentery from small intestines and colon. The 

duodenum was tied and transected distal to the tail of the pancreas. The colon was 

transected at the pelvic inlet and the intestinal tract removed and set aside to be 

examined later. The stomach, liver, spleen, pancreas and duodenum were removed 

by cutting their attachments to body walls and diaphragm. The rumen, reticulum and 

omasum were examined noting the consistency, color and smell of their contents. 

The abomasum was examined noting the condition of abomasal epithelium and 

presence of any ulcers. Liver was examined for swellings and color change. Several 

cuts were made into different parts of liver and a small piece squeezed between 

thumb and fore finger to determine consistency. Tissues for histopathology were 

collected and preserved in 10% formalin. These tissues included spleen, mesenteric 

lymph nodes, small intestines, large intestines and liver. 

3.9.3 Intestinal tract 

Intestinal tract was examined on the table. The serosal was examined and then the 

tract was opened from duodenum through the colon using a pair of scissors. Sections 

of intestines were taken for virus identification by PCR and placed in a sterile 

universal bottle. The intestines were washed and scrapped off in half bucket of water 

and then examined for presence of any lesions. 

3.10 Histopathology 

Tissues collected for histopathology were trimmed into thin sections of about 1 

centimeter before being processed and then stained. The sections were processed as 

follows:- 
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Step Station Agent Time 

Dehydration 1 80% Alcohol 4 Hours 

“ 2 90% Alcohol 2 Hours 

“ 3 96% Alcohol 2 Hours 

Dehydration 4 Isopropanol 1 ½ Hours 

“ 5 Isopropanol 1 ½ Hours 

“ 6 Isopropanol 1 ½ Hours 

Clearing 7 Amyl Acetate 1 Hours 

“ 8 Xylene 2 Hours 

“ 9 Xylene 2 ½ Hours 

Infiltration 10 Wax (molten 60 
oC) 

3 Hours 

 11 Wax (molten 60 
oC) 

3 Hours 

 

The volume of alcohol used for dehydration was 50 times that of the tissue. 

The volume of wax used for infiltration was 30 times the volume of the tissues. 

3.10.1Blocking   

Tissues impregnated with wax were placed in a mould and then freshly melted wax 

poured on it and allowed to settle and solidify. The block was left to cool slowly to 

form a surface skin and then immersed in cold water to cool it rapidly. After the 

block had completely cooled it was cut into individual blocks. Each individual block 

was placed on a wood block and clamped onto a microtome for cutting thin sections 
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of 5 microtome. The sections were then floated on to water bath at 40oC. This was 

done to soften the wax and allow creases in the sections to be smoothed out. 

The smoothed sections were carefully lifted from the water surface using a suitably 

sized microscope slide that was coated with an adhesive. They were then drained of 

excess water and dried on a hot plate at 60oC. The drying firmly stuck the tissues to 

the slides so that they could be stained. 

3.10.2 Hematoxylin and Eosin staining. 

Tissues were processed as follows: 

� Dewaxed in xylene for 3 minutes. 

� Transferred to absolute alcohol for 3 minutes. 

� Placed in 80% alcohol for 2 minutes. 

� Placed in 50% alcohol for 2 minutes. 

� Slides washed in running tap water for 1 minute and then put in Harris 

hematoxylin for 5-7 minutes. 

� Slides washed in running tap water for 30 seconds. 

� Excess dye washed in 1% acid alcohol by continuous agitation for 15 seconds. 

� Slides washed in running tap water for 30 seconds. 

� Slides dipped 3 times in ammonia water solution until tissue obtained blue 

color. 

� Slides washed in running tap water for 30 seconds. 

� Slides counter stained with eosin for 3-5 minutes. 

� Slides then washed in running tap water for 30 seconds. 

� Tissues dehydrated by keeping in increasing concentration of alcohol (2-3 

minutes in 50%, 70%, 95% and absolute alcohol). 
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� Slides then cleared in xylene and mounted in DPX and allowed to dry.

� Tissue slides were then examined under light microscope.

The histo-pathological lesions were ranked depending on the extent of the injury 

observed under high power field.  Injury observed in 0-10% of the field was ranked 

as None (-), injury in 11%-50% of the field was ranked as Mild (+), injury in 51-

75% of the field was ranked as Moderate (++), and injury observed in over 75% of 

the field ranked as Severe (+++). 

3.11 Detection of antibodies against PPRV by c-ELISA 

Competitive ELISA to detect PPRV antibodies was conducted at Kenya Agricultural 

Research Institute (Muguga), Department of Veterinary Virology. 

The PPR c-ELISA kit designed to detect antibodies directed against the 

nucleoprotein of PPRV, developed by FAO reference laboratory (CIRAD-EMVT, 

Montpellier, France) was used (Appendix 1). The test was performed strictly as per 

the protocol outlined in the user manual supplied with the kit, as follows: 

Sample preparation 

In order to avoid differences in incubation times between samples, 96 wells plate 

containing the test and the control samples was prepared and then transferred into 

an ELISA micro plate using a multi-channel pipette. 

Wash solution preparation 

Wash concentrate (20%) was brought to room temperature (21oC) and mixed 

thoroughly to ensure that it was completely solubilized. Wash solution (1%) was 

prepared by diluting the wash concentrate (20%) in distilled water. 
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Testing procedure 

All the reagents (Appendix 1) were brought to room temperature (21oC) before use 

and then homogenized by inversion. 

1. To the wells on micro plate coated with PPR recombinant nucleoprotein, the

following reagents were added. 

-25�l of dilution buffer 13 to each well

-25�l of the positive control to wells A1 and B1

-25�l of the negative control to wells C1 and D1

-25�l of each sample to be tested to the remaining wells

2. The plate was then incubated for 45 minutes at 37oC

3. Each well was then washed with 300�l of the wash solution while avoiding drying

of the wells between washings. 

4. The stock conjugate was diluted to 1% by transferring 10% in 1/10 in dilution

buffer 4. 

5. 100�l of the conjugate 1% was added to each well.

6. The plate was then incubated for 30 minutes at 21oC.

7. Each well was then washed three times with 300�l of the wash solution while

avoiding drying the wells between the washings. 

8. 100�l of substrate solution was added to each well.

9. The plate was then incubated for 15 minutes at 21oC in dark.
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10. 100�l of stop solution was added to each well in order to stop the reaction. 

11. The plate was tapped by sides and read at 450 nm in ELISA plate reader 

(Multiskan plus, LabSystem) using EDI software (approved by OIE/IAEA for 

interpretation of c- ELISA results for the assessment of RP antibodies and strongly 

recommended in user’s manual of the kit). 

Interpretation of results 

For each sample the competitive percentage was calculated using formula: 

Competition % = (OD sample/OD negative control) X 100 

Samples presenting a competition percentage:- 

a) Less than or equal to 50% were considered positive. 

b) Greater than 50% and less than or equal to 60% percent were considered 

doubtful. 

c) Greater than 60% were considered negative. 

3.12 Detection of PPRV by Real Time RT-PCR 

TaqVetTM Peste des petits Ruminants virus kit, ref: PPRP/50 (Appendix 13) 

developed by Laboratoire Service International (LSI) in collaboration with the 

Institute for Animal Health, UK, was used. Real time RT-PCR was conducted at 

University of Nairobi, Institute of Tropical Infectious Diseases (UNITID). 
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3.12.1 Preparation of fresh frozen samples for PPRV RNA extraction and 

purification 

Fresh frozen tissues from experimentally infected goats and sheep were removed 

from deep freezer and left to thaw at +4oC. The weight of the sample to be stabilized 

in RNAlater® RNA stabilization reagent was estimated and approximately 10�l

RNAlater® RNA Stabilization reagent per 1 mg of tissue prepared for preserving 

the tissue. Each tissue sample was excised into slices less than 0.5 cm thick and 

quickly submerged completely in collection vessel containing RNAlater® RNA 

Stabilization reagent. The stabilized tissue was stored at -20oC and the procedure 

repeated until all tissues were prepared. Tissues stored in RNAlater® RNA 

Stabilization reagent at -20oC were then removed and any crystals that may have 

formed removed. 10�l of �-Mercapto-ethanol (�-ME) per 1ml of RLT Buffer was

added. 

Sterile pestles and mortars were sprayed with RNaseZap (Ambion cat no, 9780) and 

rinsed, first with nuclease free water, then with 100% ethanol and let to dry. Liquid 

nitrogen (N2) and a flat slab of dry ice were obtained. Some liquid nitrogen was 

poured into Styrofoam box, and then pestle and mortar placed inside to cool off. Dry 

ice was placed on to Styrofoam lid and weighing boat placed on top to get it cold. 

Tissue sample was placed into weighing boat and a 30�g piece cut. The excess tissue

was placed back into the collection vessel containing RNAlater® RNA Stabilization 

reagent and kept on dry ice. Mortar and pestle were removed from liquid N2 and 

placed on the bench and some liquid N2 poured into the mortar. Tissue sample was 

then placed into liquid N2 in mortar, then ground until it became a course powder 

and liquid nitrogen was let to evaporate. The resulting powder was tapped into the 

weighing boat, then tapped into a pre-labeled collection tube and stored at -80oC. 

This procedure was repeated until all samples were prepared. 
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3.12.2 Preparation of frozen ocular for PPRV RNA extraction and purification 

Bijoux bottles containing swabs suspended in minimum essential medium and kept 

in deep freezer at -20oC were removed and let to thaw at room temperature. Each 

swab was eluted by shaking the bottle and crushing it on the edge of the bottle. 140�l 

of the eluate was transferred into a labeled micro tube (1.5ml). This procedure was 

repeated until all samples were prepared.  

3.12.3 Extraction and Purification of PPRV RNA from fresh frozen tissues 

Purification of PPRV RNA extracted from fresh frozen tissue was performed as 

described in QIAGEN RNeasy Mini kit, Ref: 74104 ou 74106. (Appendix 2) 

3.12.4 Extraction and Purification of PPRV RNA from Ocular swabs. 

Purification of PPRV RNA extracted from nasal and ocular swabs was performed as 

described in QIAGEN kit: QIAamp viral RNA mini kit Ref: 52904 ou 52906 

(Appendix 3) 

3.12.5 Formalin fixed tissues preparation for PPRV RNA Extraction and 

Purification 

All equipments (including microtome and knife, forceps, scalpel blade holder, tissue 

storage containers and macro dissecting cutting surface were disinfected using 

RNaseZAP on non metallic equipment and ElectroZAP on metallic equipment, then 

wiped clean with xylene and dried using towels. 

Tissues samples were placed into RNase-free containers and sectioned at 5 up to 

20�m thick using a new sterile and disposable scalpel blade. Top few 2-3 sections 

were discarded and precaution was taken to avoid contaminating the surface of tissue 
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block. The cut sections were washed in DNase-RNase water to remove excess 

unbound formalin. (Puchtler and Meloan, 1985). Tissues were then washed with 

0.9% sodium chloride (Liehr and Manvelyan, 2009). Clean pestle and mortar were 

sprayed with RNase Zap (Ambion cat. No. AM9780), then rinsed, first with nuclease 

free water then with 100% ethanol and let to dry. Tissue sections were placed in the 

mortar and ground into a very fine sonicate. The ground tissue was transferred into 

a 2 ml micro-centrifuge tube and stored at room temperature. This procedure was 

repeated until all the samples were prepared. 

3.12.6 Extraction and Purification of PPRV RNA from formalin fixed tissues 

Extraction and purification or PPRV RNA from formalin fixed tissues was 

performed as described in RNeasy® FFPE kit 50 (Cat. No 73504) with slight 

modifications. 

3.12.7 Reaction Mix Reconstitution 

The Mix-PPRV is a ready to use reagent. The tube containing the Mix-PPRV was 

thawed on ice, vortexed briefly then centrifuged.  

3.12.8 Amplification Protocol 

A MicroAmp® Optical 96-well reaction was used to create a plate sheet for the real 

time RT-PCR run. Twenty micro liter of the Mix PPRV was added to each well of 

the optical 96 well plate used for the assay. 5ul of the sample (purified RNA) or 

negative control sample (NCS) or external positive control (EPC) was then added to 

each well of the plate. An optical adhesive cover was added to the plate and then 

placed in a thermo cycler. The cycling conditions were as follows: Reverse 

transcription at 45oC for 15 minutes; reverse transcription inactivation and DNA 
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polymerase activation at 95oC for 10 minutes; followed by 45 cycles of amplification 

at 95oC for 15 seconds and at 60oC for 1 minute. Real time RT-PCR amplification 

and detection was performed using Applied Bio-systems 7500 Fast Real-Time PCR 

System. The reporter dyes (FAM-MGB for PPRV probe) signal was measured 

against the internal reporter dye (VIC-MGB for IPC probe) signal at the annealing 

step of each cycle and the threshold cycle (CT) for each sample was calculated by 

determining the point at which the fluorescence exceeded the threshold limit. 

 

Interpretation of results 

Interpretation PPRV detector 

(CTFAM) 

IPC detector 

(CTVIC) 

Detected PPRV Ct < 45 Ct < 45 

Non detected PPRV Ct > 45 Ct < 45 

Not Validated Ct > 45 Ct � 45 

3.13 Statistical Data Analysis 

Statistical data analysis was done using Genstat® statistical package. Student t test 

was done to determine statistical significance in clinical and gross pathological 

observations. Changes in hematological values were analysed by a paired student t 

test to calculate the differences of the parameters before and after infection. The 

mean of these differences and its standard error were used to calculate the significant 

difference. These means were considered statistically significant where the P value 

was lower than 0.05 (P<0.05).  
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CHAPTER 4: RESULTS 

4.1 Clinical Response to inoculation of PPRV tissue suspension in infected sheep 

and goats 

4.1.1 Fever 

All experimentally infected animals (group A, B) developed clinical signs similar to 

those of naturally infected animals while the control (group C) animals remained 

apparently healthy. Before infection, the mean daily rectal temperature for goats and 

sheep was 38.65 ±0.08 and 38.76 ±0.03 degrees Celsius respectively. Rectal 

temperature �39.5oC were considered high. Fever started to develop from 5th to 8th

day post infection (mean 6.6 ±1.14) in goats and lasted for 5.6 ±1.95days, before 

gradually subsiding. In sheep, fever developed from day 7 to10 post infection (mean 

8.6 ±1.34) and lasted for 6.2 ±2.49 day before eventually subsiding. The mean daily 

rectal temperature in the treatment and control groups are illustrated in Figure 4.1. 

The highest individual rectal temperature recorded for both goats and sheep was 

40.7oC on days 9 and 11 respectively. During this phase of infection all infected 

animals were generally dull, depressed and anorexic.The animals in the control 

group showed no thermal response. Daily rectal temperatures in experimentally 

infected sheep and goats are shown in Appendix 4 and 5. 
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Figure 4.1:  Mean daily rectal temperature in experimentally infected animals and controls 

 

Key: 

C1- Control goats 

C2 - Control sheep 

4.1.2 Respiratory signs 

In addition to the febrile response, respiratory changes were also clinically 

manifested in all infected animals. Prior to infection the mean daily respiratory rates 

in goats and sheep were 21.9 ±1.51 and 21.8 ±0.23 breaths per minutes respectively. 

Respiratory rate  �30 was considered high. However following infection in goats, 

there was a progressive rise in respiratory rates from day 9 to day16 in goats, (Figure 

4.2), when the highest respiratory rate of 42 cycles per minute was recorded on day 

16 post infection. In sheep there was also a progressive rise in respiratory rates from 

day 9 to day 14 when the highest respiratory rate of 40 cycles per minute was 
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recorded on day 13 post infection (Appendix 6 and 7). All infected animals 

developed moist rales either unilaterally or bilaterally by day 10 to 14  post infection. 

Thoracic ascultation revealed increased vesicular sounds that later became coarse 

crackles in the lower portion of the chest. Nasal discharges were recorded from day 

8.2 ±2.28 and 9 ±1.83 post infection in goats and sheep respectively (Appendix 8 

and 9). These discharges were initialy clear and watery but later become whitish and 

mucoid (figure 4.3) as the disease progressed and predisposed the animals to mild 

dyspnea  Coughing was observed in two goats on day 14 and 15 post infection. 

 

 

Figure 4.2: Daily mean respiratory rates in experimentally infected animals and controls. 

 

Key: 

C1- Control goats 

C2 - Control sheep 
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Table 4.1: Summary of descriptive statistics for rectal temperature and respiratory rates of infected 

goats and sheep  

 

Key: 

X – Mean 

Sd – Standard deviation 

 

4.1.3 Ocular Discharges 

In goats, ocular discharges were observed on day 10 ±2.24 post infection. These 

discharges were clear and watery except in one goat where they become thick and 

yellowish from day 13 post infection (Appendix 10). In sheep, the discharges were 

observed from day 9.8 ±2.17 post infection. The discharges were also clear and 

watery with exception of sheep 2 and 3 where they become whitish and mucoid on 

Species  Rectal 

temperatures 

Respiratory 

rates 

    

Goats Min 

Max 

Range 

Median 

Mode 

X±Sd 

39.5 

40.7 

1.2 

39.89 

39.9 

39.89 ±0.07 

30 

42 

12 

34 

34 

35.14 ±2.94 

Sheep Min 

Max 

Range 

Median  

Mode  

X±Sd 

39.5 

40.7 

1.2 

39.9 

39.9 

39.896 ±0.33 

30 

40 

10 

36 

36 

35.30 ±3.34 
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days 11 and 14 respectively (Appendix 11). These discharges were initially scanty 

but increased in volume to about 4 ml as the disease progressed. These discharges 

resulted in the matting of the eyelids and the hairs below the eye. The conjuctiva of  

infected animals was reddened and the cornea of sheep 3 became cloudy.  

4.1.4 Oral lesions and diarrhea 

Of the test and control groups, only one goat (group A) and two sheep (group B) 

developed oral lesions. These lesions were first observed on day 9 post infection in 

sheep 1 as a small nodular swelling on the skin of the lip at the commissure of the 

mouth (Figure 4.4). The swelling was firm and painless but later become filled with 

pus and was painful to touch. Similar swellings developed in sheep 2 and goat 1 on 

days 12 and 14 respectively. These swellings would later on burst open oozing 

yellowish pus that formed scab. By day 17 post infection, the swellings had resolved 

in sheep 1 forming a scar tissue. Diarrhea was observed in some of experimentally 

infected animals. All infected sheep with exception of sheep 1 developed diarrhea 

from day 13.5 ±0.58 post infection. This diarrhea started as soft and pasty feces 

which later developed into severe foul smelling watery diarrhea with mucoid 

deposits (Figure 4.5). The diarrhea persisted for the next 3.75 ±0.957 days resulting 

in severe dehydration characterized by sunken eyeballs and loose skin. These 

animals became moribund and death followed on day 17 ±1.414 post infection. In 

goats, severe diarrhea was observed in three animals (goats 1, 2 and 4) from day 14 

±1 post infection. These goats were euthanized on days 17, 18 and 19 respectively 

after they became moribund. The rest of the animals were euthanized and necropsied 

on day 20 post infection after clinical signs of PPR had gradually subsided. The 

occurrence and frequency of clinical signs have been summarized in tables 4.2 and 

4.3 
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Table 4.2: Days of the onset of clinical signs in experimeentally infected goats and sheep (n=5) 

  

 

Table 4.3: Frequency of clinical signs in infected sheep and goats (n=5) 

 

Animal Fever Nasal 

discharges 

Coughing Ocular 

discharges 

Oral 

lesions 

Diarrhea 

Goats 5 5 2 5 1 3 

% 100 100 40 100 20 60 

Sheep 5 5 0 5 2 4 

% 100 100 0 100 40 80 

Species Median 

Incubation 

period 

Days of onset of Days 

killed or 

Dead 

  Fever Ocular 

discharges 

Nasal 

discharges 

Oral lesion Diarrhea   

        

Goats  6 days 6.6±1.14 10±2.24 8±2.28 14       14±1  17-20th 

           

Sheep     7 days 8.6±1.34 9.8±2.17 9±1.83 10.5±2.12 13.05±0.58 17±1.414 



���

�

 

Figure 4.3: An experimentally infected goat showing catarrhal nasal discharges on day 15 post 

infection. 

 

 

Figure 4.4: An experimentally infected sheep having ulcerated oral lesions at the commissure of the 

mouth on day 12 post infection. 
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Figure 4.5: An experimentally infected sheep having severe watery diarrhea with soiling of the hind 

limbs on day 13 post infection 

4.2 Hematological finding 

There was a significant increase in hemoglobin concentration (HGB), mean 

corpuscular hemoglobin (MCH) and mean corpuscular hemoglobin concentratio 

(MCHC) in goats after infection while there was no significant change in the other 

parameters (Table 4.4). In sheep, there was a significant increase in red blood cell 

count (RBC) and neutrophils after infection, while there was a significant decrease 

in mean corpuscular volume (MCV), mean corpuscular hemoglobin (MCH) and 

percentage of lymphocyte (Table 4.5). There was no significant change in the rest of 

the parameters. In goats, there was no signicant change in neutrophil lymphocyte 

(N/L) ratio (p> 0.05). In sheep, there was a signifacant increase in neutrophil 

lymphocyte ratio (p< 0.05). 
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Table 4.4: Mean hematological parameters and their standard error for infected goats before and 

after infection. 

Subscript * in the same row indicate there was a significant difference (P<0.05) 

Parameters Before infection 

(n=5) 

After 

infection 

(n=5) 

Mean of the 

difference 

P-

values 

t 

X±Se X±Se �±Se

WBC (X 

103/ML) 

19.51±4.16 22.63±5.29 3.112±4.397 0.2232 1.58

HGB (mg/dl) 8±1.39 10.12±0.84 2.12±1.69 0.0488 2.8* 

RBC 

(X106/ML) 

12.65±1.89 12.41±1.29 0.23±2.67 0.8539 0.20

PCV (%) 20.52±2.27 18.24±1.44 2.28±2.21 0.0819 2.3069 

MCV (fl) 16.42±1.57 15.3±0.91 1.12±1.68 0.2261 1.4907 

MCH (fl) 6.46±0.23 7.8±0.51 1.34±0.55 0.0055 5.4478* 

MCHC (g/dl) 39.96±4.87 51.64±5.66 11.68±6.99 0.0202 3.7364* 

Platelets 

(103/ml) 

382.6±213.4 597.8±278.72 215.4±227.4 0.1016 2.12

Neutrophils 

(%) 

31.2±12.56 44.4±12.01 13.2±16.87 0.1551 1.75

Lymphocytes 

(%) 

68±13.62 55.8±11.65 12.2±17.41 0.1419 1.5669

N/L 0.536±0.307 0.719±0.100 0,255±0.236 0.1123 2.42
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Table 4.5: Mean hematological parameters and their standard error for infected sheep before and 

after infection 

Parameters Before infection 

(n=5) 

After infection 

(n=5) 

Mean of the 

Difference 

P-value t 

X±Se X±Se �±Se 

WBC (X 

103/ML) 

19.57±7.70 61.68±25.42 42.11±28.04 0.0305 3.3581* 

HGB (mg/dl) 9.46±2.15 10.34±1.57 0.88±1.12 0.1535 1.7569 

RBC 

(X106/ML) 

8.69±2.29 12.56±1.54 3.88±1.97 0.0117 4.404* 

PCV (%) 21.72±7.23 26.42±3.64 4.68±4.83 0.0949 2.17 

MCV (fl) 16.42±1.57 21.6±2.49 5.18±2.77 0.0139 4.18* 

MCH (fl) 10.94±0.58 8.14±0.55 2.8±1.08 0.0044 5.7972* 

MCHC (g/dl) 45.04±6.56 38.64±2.04 6.4±5.97 0.0746 2.40 

Platelets 

(103/ml) 

838±542.18 209.6±32.62 628.4±515.94 0.0528 2.7235 

Neutrophils 

(%) 

46.2±15.51 58.4±15.53 12.2±3.90 0.0022 6.9949* 

Lymphocytes 

(%) 

53.2±16.39 36.4±11.55 16.8±5.81 0.0029 6.47* 

N/L 1.098±0.951 1.942±1.378 0.8436±0.461 0.0012 4.09* 

 

Subscript * in the same row indicate there was a significant difference (P<0.05) 

Key: 

X - Mean 

Se - Standard error of mean 

� - Mean of the difference 
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4.3 Post mortem lesions 

Necropsy was performed on all sheep and goats that were euthanized either during 

the course of infection or at the end of the study. Generally, the carcasses were in 

poor body condition, dehydrated with sunken eyeballs and loose skin. The 

dehydration was severe in sheep compared to goats. The cornea was cloudy starting 

from the medial canthus extending towards the lateral canthus of the eye. The hair 

around the perineum and hind limbs were matted due to diarrhea. The eyes and nose 

contained dried up discharges. The most characteristic lesions were found in the 

lymphoid organs, gastrointestinal tract and respiratory system. 

4.3.1 Gross lesions recorded in respiratory system 

In each experimentally infected sheep, there was pleural effusion in the pleural 

cavity that was reddish in color and measured about 50ml in volume. The serosal 

and mucosal surfaces of the trachea of both sheep and goats were moderately 

reddened with streaks of congestion along the tracheal rings and the lumen contained 

mucoid exudates. The mediastinal lymph nodes were swollen and edematous. In 

goats, lesions in the lungs were mainly confined to the diaphragmatic lobes and 

consisted of consolidation, diffuse reddening and atelectasis (Figure 4.6). The cut 

surface of the parenchyma oozed blood while the bronchioles contained mucoid 

exudates. Lung from sheep 4 had a sharply demarcated area on the left diaphragmatic 

lobe that was triangular shaped and oozed fluid with froth on cutting. Goat 1 had 

two nodular spherical lesions on the right diaphragmatic lobe measuring one 

centimeter in diameter and were firm in consistency.  
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Figure 4.6: Congestion in the left diaphragmatic lobe (arrow) of an infected goat euthanized at day 

20 P.I 

4.3.2 Gross lesions recorded in lymphoid organs 

Body lymph nodes, especially mesenteric lymph nodes were enlarged and 

edematous in all experimentally infected animals. Their prominence presented a 

goose berry like appearance of the nodes stretching the mesentery (Figure 4.7). The 

mesenteric blood vessels were prominent and heavily congested. The mediastinal 

and pre-scapular lymph nodes were also enlarged and edematous. In sheep the spleen 

was and slightly enlarged with rounded edges. 

Figure 4.7: Swollen and enlarged mesenteric lymph nodes (arrows) from an experimentally infected 

sheep having a goose berry-like appearance. (The sheep died on day 17 post infection) 
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4.3.3 Gross lesions recorded in the gastro-intestinal tract 

The mucosa of the oral cavity, tongue, gums, hard palate and pharynx of all 

experimentally infected animals were intact with no lesion while that of the 

esophagus was diffusely congested. In both sheep and goats, the rumen, reticulum, 

omasum and abomasums were filled with semi-solid, thick, porridge like blood 

tinged fetid smelling ingesta. The serosal surfaces of the intestines in all infected 

animals were diffusely congested with injected mesenteric blood vessels. The 

mucosal surface of the intestines was also diffusely congested (Figure 4.8) with 

mucoid exudates in the entire length of the intestines. The liver was diffusely 

reddened and enlarged with rounded edges. The gall bladder was distended and filled 

with free flowing bile. Sheep 4 had a firm nodular lesion on the liver that was pale 

and measured about 2 cm in size. Cut surface of the lesion was gritty and. Two 

animals (sheep 2 and goat 1) had firm round ulcerated swellings on the commisures 

of the mouth that were about one centimeter in diameter.  

Figure 4.8: Intestinal mucosa from an experimentally infected sheep appearing severely congested 
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4.4 Histopathology 

The frequencies of occurrence of the histo-pathological lesions and their severity 

have been summarized in table 4.6 and 4.7 respectively. 

4.4.1 Gastrointestinal tract 

In sheep, intestinal lamina propria revealed moderate infiltration with mononuclear 

cells including plasma cells and lymphocytes. Goblet cells that were filled with 

mucin were also prominent. Intestinal villi were severely reduced in height and blunt 

while intestinal crypts were mildly filled with necrotic cell debris. Moderate sub-

mucosal edema was also a prominent feature (Figure 4.9). In goats that expressed 

severe diarrhea, there was moderate infiltration with mononuclear cells (Figure 4.10) 

with proliferation of goblet cells. Intestinal villi were moderately reduced in height 

with the intestinal crypts appearing clear. The sub mucosal edema was mild. 

 

Figure 4.9: Severe atrophy of intestinal villi in a goat experimentally infected with PPRV (black 

arrow) with white arrow showing submucosal edema (H&E X100) 
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Figure 4.10: Infiltration of mononuclear cell (arrows) into lamina propria of a goat experimentally 

infected with PPRV (H&E X100) 

4.4.2 Lymphoid organs 

Body lymph nodes, especially the sub mandibular and mesenteric lymph nodes 

revealed a variable degree of lymphoid cells depletion particularly in the cortex and 

medullary cords. In sheep, there was moderate to severe lymphocytic depopulation 

with depopulated areas appearing pale, devoid of lymphoid follicles and with few or 

no lymphocytes (Figure 4.11). Lymphoid depopulation left marked necrotic debris 

and prominence of supportive trabeculae network in the lymph nodes (Eigure 4.12). 

Due to this depopulation, there was sharp loss of demarcation between cortex and 

medulla. The depopulation was due to severe lymphocytic necrosis. These lesions 

were more severe in mesenteric lymph nodes compared to other body lymph nodes. 

Mild blood vessels engorgement, edema and distension of the lymphatics were seen 

in medullary region (Figure 4.13). In goats, lymphoid cell depletion was mild and 

lymphoid follicles were observed within the outer cortex. The germinal centers of 

these follicles were pale and devoid of mature lymphocytes with intact and mature 

lymphocytes being observed within the inner cortex. The medullary sinuses and 

chords were mildly depleted of lymphocytes. Lesions in the spleen were less severe 

compared to those in the lymph nodes. 
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Figure 4.11: Mesenteric lymph node from an experimentally infected sheep showing depletion of 

lymphoid follicles in the cortex (H&E X100) 

 
Figure 4.12: Lymph node: Note severe lymphocytic depletion within the cortex with arrows 

indicating network of trabeculae that are remaining (H&E x400) 

 

 

 

 

 

 

Figure 4.13: Lymph node: Showing distension of the lymphatics within the trabeculae (arrows) 

H&E X400 
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4.4.3 Respiratory system 

The histo-pathological lesions observed within the respiratory tract were few, mild 

and often within the lung tissue. These lesions were characterized by accumulation 

of exudates within the bronchioles (Figure 4.14) and thickening of bronchiolar 

epithelium. Three sheep had moderate alveolar atelectasis with alveolar openings 

having a slit like appearance (Figure 4.15).Three goats had mild alveolar atelectasis 

and the other two had thickened inter-alveolar septae due to increased histiocyte 

proliferation. 

Figure 4.14: Lung from an experimentally infected goat with arrows indicating accumulation of 

exudates within the bronchioles (H&E X100) 

Figure 4.15: Section of the lung from experimentally infected goat showing alveolar atelectasis with 

arrow showing alveolar opening having a slit like appearance H&E X400
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Table 4.6: The frequencies of occurrence of the histo-pathological lesions in goats (n=5) and sheep 

(n=5) experimentally infected with PPRV mixed tissue suspension 

 

 

Table 4.7: Histo-pathological findings in goats and sheep experimentally infected with PPRV tissue 

suspension 

 Lungs  Gastrointestinal tract 

 

 Lymphoid organs 

(depletion 

and necrosis) 

        

Spleen 
 

 

 

Alveolar 

atelectasis 

Thickening of 

inter alveolar 

septae 

Thickening 

of 

bronchiolar  

epithelium 

 Atrophy of  

intestinal 

villi 

Infiltration by 

mononuclear 

cells 

Lymph 

nodes 

Goats 

% 

Sheep 

% 

3 

60 

5 

100 

2 

40 

0 

0 

2 

40 

3 

60 

 3 

60 

5 

100 

3 

60 

5 

100 

 5 

100 

5 

100 

1 

20 

5 

100 

 Lungs   Gastrointestinal tract 

 

 Lymphoid 

organs 

(depletion and 

necrosis) 

          

Animal 

No. 

 

 

Alveolar 

atelectasis 

Thickening of 

inter alveolar 

septae 

Thickening 

of 

bronchiolar  

epithelium 

  Atrophy 

of  

intestinal 

villi 

Infiltration 

by 

mononuclear 

cells 

Lymph 

nodes 

Spleen 
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Key  

- None

+ Mild

++   Moderate 

+++ Severe 

4.5 Competitive Enzyme Linked Immunosorbent Assay 

No PPR specific antibodies were detected from serum that was collected before 

experimental infection. Peste des petits ruminants specific antibodies were detected 
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in two goats and three sheep tested on day 6 post infection while two goats and two 

sheep were doubtful with competition percentage between 50% and 60%. Only one 

goat tested negative with a competitive percentage greater than 60%. All 

experimentally infected animals showed detectable antibodies by 10th day post 

infection with both goats and sheep showing mean competition percentage of 

41.10±10 and 40.768 ±5.26 respectively. Antibodies against PPRV continued to rise 

by day 14 where both goats and sheep showed a mean competition percentage of 

29.77 ±4.98 and 22.51 ±6.69 respectively. No antibodies were detected in control 

group. The rise in percentage competition has been illustrated in Figure 4.16 below. 

Figure 4.16: Mean Percentage Competition values for PPRV antibodies in serum collected from 

experimentally infected goats and sheep and control animals on days 6, 10 and 14 post infection. 

Key: 

Group A – Infected goats 

Group B – Infected sheep 

C1 – Control goats 

C2 – Control sheep 
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4.6 Real Time-Reverse Transcriptase Polymerase Chain Reaction results 

Real time RT-PCR assay was performed on ocular discharges that were collected 

from sick animals on day 13 post infection and body tissues that indicated severe 

histo-pathological changes. Ocular swabs revealed positive amplification in 8 out of 

10 experimentally infected animals (Table 4. 8) (four sheep and four goats) with 

sheep and goats having a mean threshold cycle (CT) value of 37.578 ±0.87 and 40.24 

±1.22 respectively. The highest virus load was in sheep 3 where the PPR viral 

antigen was detected by cycle 36.51 of amplification. Four sheep tested positive for 

PPR viral antigen in mesenteric lymph nodes, 3 in the intestines and 2 in the lungs 

(Table 4.9). Two goats tested positive for PPR virus in mesenteric lymph nodes 

while 3 tested positive in the intestines (Table 4.10). In all samples that were tested, 

only three were not validated since no reading either for the test sample or for the 

internal positive was recorded. No PPR virus antigen was detected in formalin fixed 

tissues. 

Table 4.8: Real time RT-PCR; threshold cycle values in ocular swabs on 13th day post infection 

from experimentally infected goats and sheep.  

Animal No CTFAM CTVIC 

Sheep 1 37.65 29.12 

Sheep 2 38.63 31.27 

Sheep 3 36.51 29.67 

Sheep 4 37.52 38.28 

Sheep 5 No CT 35.29 

Goat 1 38.81 28.14 

Goat 2 40.63 30.94 

Goat 3 No CT 30.53 

Goat 4 41.68 31.68 

Goat 5 39.84 30.53 

CTFAM- Indicate threshold cycle for the tissue sample 
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CTVIC- indicate threshold cycle for the internal positive control 

 

Table 4.9: Real time RT-PCR; Ct value, (threshold cycle value) in fresh frozen tissues from 

experimentally infected sheep with PPR virus 

 

Animal No Mesenteric l/n Intestines Lungs 

 CTFAM CTVIC CTFAM CTVIC CTFAM CTVIC 

Sheep 1 No CT 23.02 No CT No CT No CT No CT 

Sheep 2 41.56 25.57 41.84 25.62 33.32 31.13 

Sheep 3 39.39 22.77 34.52 30.28 No CT 24.49 

Sheep 4 43.38 24.97 43.21 26.63 43.71 38.42 

Sheep 5 39.67 28.07 No CT 23.69 No CT 24.14 

       

CTFAM- Indicate threshold cycle for the tissue sample 

CTVIC- indicate threshold cycle for the internal positive control 
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Table 4.10: Real time RT-PCR; Ct value, (threshold cycle value) in fresh frozen tissues from 

experimentally infected goats 

Mesenteric lymph nodes Intestines 

Animal No CTFAM CTVIC CTFAM CTVIC 

Goat 1  No CT No CT 42.05 26.66 

Goat 2 44.55 33.38 41.7 22.58 

Goat 3 No CT 31.26 40.66 25.62 

Goat 4 38.71 24.49 No CT 27.51 

Goat 5 No CT 24.22 No CT 28.82 

CTFAM- Indicate threshold cycle for the tissue sample 

CTVIC- indicate threshold cycle for the internal positive control 
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Figure 4.17: Positive amplification of PPRV RNA by real time RT-PCR in fresh frozen tissues 

collected from experimentally infected sheep and goats (Arrow indicates the Threshold Limit)  

Note: 1 indicates positive amplification of internal positive control (IPC). 2 indicates positive 

amplification of the tissue samples 

1 

2 
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Figure 4.18: Graph showing positive amplification of PPRV RNA by real time RT-PCR in ocular 

swabs collected from experimentally infected sheep and goats on day 13 post infection (Arrow 

indicates the Threshold Limit)  

Note: 1 indicates positive amplification of internal positive control (IPC). 2 indicates positive 

amplification of the ocular swabs 

1 
2
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CHAPTER 5: DISCUSSION 

PPR has major economic consequences for sheep and goat farming, owing to the 

highly contagious nature and the rapid spread of the disease. Around 800 million 

animals are estimated to be susceptible in countries which report the presence of the 

disease (Thombare and Mukash, 2009). Indeed PPR, originally thought to be 

confined to West Africa, is widely distributed in sub-Saharan Africa, the Middle 

East and the Indian subcontinent (El Yuguda et al, 2010). Serological surveys have 

shown high prevalence of antibodies against PPRV in small ruminants in African 

countries (Intisar et al, 2007), but only few studies of the pathogenicity of PPRV in 

goats under natural or experimental conditions have been published thus far 

(Abubakar et al, 2011) 

5.1 Clinical signs 

Peste des petits ruminants virus is labile and is easily inactivated by heat (OIE, 

2009). This may partly explain why previous attempts by the Muguga Veterinary 

Laboratory to obtain a PPR field isolate (Ireri, Personal) were not successful. In this 

study, the cold chain was maintained and samples flown to Nairobi. This may 

explain why the virus remained viable up to the time of use. 

In this study, a pilot experimental infection was designed to demonstrate infectivity 

of PPR virus in tissue samples collected from Turkana. The two goat kids that were 

used were tested to be free of PPRV antibodies by competitive ELISA. This meant 

that they did not have any maternal antibodies and neither had they been previously 

infected or vaccinated against PPR. The infected goat kids presented a classical 

clinical and pathological picture of PPR as described in naturally infected animals 

with exception of oral lesions which were absent but have been reported in naturally 
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infected animals (Roeder et al, 1994). Serum samples collected from these two goat 

kids tested positive to rising antibody titers against PPR virus by c-ELISA. This 

confirmed that the tissue samples used for experimental infection were indeed 

infectious (Onnoviran et al, 1984). These results led to the design of a more elaborate 

experiment to describe the pathological lesions and clinical signs of PPR in 

experimentally infected animals. 

The experimental infection of goats and sheep with PPRV tissues suspension 

revealed clinical signs such as fever, oculo-nasal discharges, diarrhea and 

dehydration and post mortem lesions in all infected animals. The disease appeared 

to be sub acute with its incubation period in goats and sheep being 6.6 ±1.14 and 

8.84 ±1.30 days respectively. Fever appeared to be moderate with highest rectal 

temperature recorded being 40.6 and 40.7 degrees Celsius for both goats and sheep 

respectively. This is in agreement with Diallo (2006) who described the sub-acute 

form of PPR infections in experimentally infected animals as having longer 

incubation period of up to 6 days with affected animals recording low grade pyrexia 

of 39-40oC.  In this study, nasal discharges were recorded in all infected animals and 

although they changed from clear watery to whitish mucoid discharges, they only 

caused mild dyspnea. This is in contrast to acute form of disease where severe signs 

of pneumonia such as noisy respiration with extended head and neck, nostrils 

dilatation, gasping with protruded tongue and painful coughs have been reported 

(Bundza et al, 1988). Ocular discharges and oral lesions also appeared to be mild 

with the latter being observed in only three animals. This could be due to the fact 

animals in this study were infected with a single innoculum while in natural infection 

multiple inoculation could happen (Nussieba et al, 2009) 

Oral lesions appeared in form of small papules at the commissure of the mouth that 

bust open forming scabs. This is in contrast to acute form of PPR where severe oral 
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lesions characterized by rough necrosis begin on the lower gum and covers the dental 

pad, hard palate, inner side of the cheek, dorsal part of the tongue and around the 

commissures of the mouth (Abubakar et al, 2008). Areas where these papules form 

have been confirmed to be the predilection sites for PPR virus replication and thus 

could indicate tropism towards the skin of the lips (Al-Naeem and Abu-Elzein, 

2007). In this study, diarrhea appeared to be severe resulting into severe dehydration 

characterized by loose skin and sunken eyeballs and resulted into death. 

Generally, from this study, clinical signs appeared to be mild except for diarrhea 

which became severe with time. This is in agreement with Mann et al (1974) who 

suggested that successful transmission of acute disease may require more than one 

challenge. Elhag Ali (1973) also found that animals experimentally infected with 

PPRV develop mild clinical form of disease. It has been documented that a combined 

infection of Mycoplasma capri and PPR produce a much more severe form of disease 

in goats than by a single agent (Onnoviran et al, 1984). However this is in contrast 

to reports of natural PPRV infections. Natural clinical cases and herd examination 

by Kihu et al (2012) revealed a disease syndrome that was characterized by severe 

emaciation, soiled perineum with diarrhea, matted eyes at the medial canthus, 

blocked nostrils and sometimes abortion. Disease characterization, matrix scoring, 

clinical signs, epidemiological mapping, and antibody serological tests revealed that 

the syndrome was a mixed infection of PPR and babesiosis. This therefore indicates 

that a more severe disease results from a mixed infection of bacteria, viruses and 

protozoa than a single infection. Poor nutrition, stress of movement and concurrent 

parasitic and bacterial infection have been previously reported to enhance the 

severity of infection (Saliki, 1998). 

In this study, goats and sheep were evenly affected with both species of animals 

exhibiting similar clinical signs. This is contrary to the study of Raghavendra et al 
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(2000) who found that goats are more severely affected by PPR infections than 

sheep. This was however in agreement with reports in Asia and Middle East where 

both goats and sheep are evenly affected and PPR virus causes high mortality in both 

species of animals (Shaila et al, 1989). The PPR virus causing disease in Middle 

East and Asia has been identified to be of same lineage to the one causing disease in 

East Africa and this could explain why the experimentally infected animals appeared 

to be evenly affected. Although lineage has not been determined in this study, it is 

suspected to be lineage 3 as determined in Northern Tanzania (Kivaria et al, 2013). 

5.2 Clinico-pathology 

The evaluation of the hematological parameters is a good way of assessing the health 

status of the animal as it plays a vital role in the physiological, nutritional and 

pathological status of the animal. Hematology revealed that there was a significant 

increase in hemoglobin concentration (HGB), MCV, and MCHC in goats while in 

sheep there was a significant increase in RBCs count, neutrophils and neutrophil 

lymphocyte ratio while there was a significant decrease in MCV and percentage 

lymphocyte. There was no significant change in the rest of parameters, Conversely 

Yarim et al (2006) and Kataria et al (2007) determined low WBC, high RBCs count, 

HGB and PCV values in infected lambs and sheep. Ishmail et al (2011) also recorded 

significant increase in WBC, MCV, MCH, MCHC and low HGB, RBCs and PCV 

in a PPR outbreak affecting lambs. Sahinduran et al (2012) has also reported 

significant reduction in number of erythrocytes and hematocrit values in PPR 

affected animals. Increase in neutrophil:lymphocyte ratio reported in this study is in 

agreement with the findings of Mohammed et al (2011), but contrary to findings by 

Aikhuomobhogbe and Orheruata (2006). Increase in neutrophil lymphocyte ratio is 

a good indicator of stress in goats and sheep. The difference between these 

hematological parameters may be due to the different phase of disease, presence of 
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secondary infection, nutrition and dehydration degree (Heaney et al, 2002; Kataria 

et al, 2007). 

5.3 Necropsy 

Necropsy findings reported in this study with were almost similar to those previously 

described by Sergany et al (1992), Islam et al (2001) and Pawaiya (2004) though the 

lesions appeared to be less severe. This exception was noted in the respiratory system 

of goats where consolidation, diffuse reddening and atelectasis were observed in 

diaphragmatic lobes of the lungs contrary to earlier report where similar lesions were 

reported in cranial and apical lobes. The difference in severity of the post mortem 

changes between experimentally infected animals in this study and those reported in 

natural infection could be due to less load of virus used for infection, poor defense 

mechanism of naturally infected animals or secondary bacterial infection under field 

conditions (Nussieba et al, 2009). 

Like other morbilliviruses, PPR virus is both lymphotropic and epitheliotropic and 

thus the pathological lesions are likely to be severe in organs rich in lymphoid and 

epithelial tissue (Scott, 1981). The PPR virus, after invading the host through the 

respiratory system mainly localizes in the regional lymph nodes, especially sub 

mandibular and tonsils, resulting in lymphopenia. This explains the observed 

moderate to severe lymphocytic depletion mesenteric lymph nodes mainly in sheep 

and moderate in goats. The lymphatics were distended while blood vessels were 

congested and this could explain why the lymph nodes were enlarged. The epithelia-

tropic nature of PPR virus could explain why there was moderate to severe loss of 

intestinal villi. Presence of goblet cells hyperplasia within the intestinal epithelium 

explains the mucoid diarrhea and the mucoid exudates that were observed on the 

intestinal mucosa at post mortem. Increased vesicular sounds that later became 
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coarse crackles could have resulted from accumulation of exudates within the 

bronchi and bronchioles that were seen at the histo-pathological examination. Histo-

pathological changes describes in this investigation correspond with the finding by 

others (Bundza et al, 1988, Brown et al, 1991, Dhand  et al 2003). 

5.4 Competitive ELISA 

Examination of serum samples revealed detectable antibodies on 6th day, 10th day 

and 14th day post infection with antibodies titers increasing from 6th to the following 

days. The detectable PPR antibodies indicated that humoral immune response 

develops in animals exposed to the virus. In contrast, there were no detectable 

antibodies in the control group.  This observation was in concordance with those 

reported by Taylor and Abegunde (1979) and Nussieba et al (2009).  The findings 

in this study were in contrast to finding by Mehdi (2007) who reported detectable 

antibodies in experimentally infected goats through subcutaneous route by 7th day 

post infection, while none of those infected through intranasal route developed PPR 

antibodies before day 9 post infection. Predominantly, confirmatory diagnosis of 

PPR in Kenya is done serologically. The findings in this study indicate that acutely 

infected animals can be serologically confirmed positive for PPR as early as 7th day 

post infection and therefore control measures can be instituted early. 

5.5 Polymerase chain reaction 

In recent years, several attempts have been made to improve diagnosis of PPR and 

several convectional RT-PCR assays have been developed to allow efficient virus 

detection in vivo from swabs and biological samples (Balamurugan et al, 2006, Bao 

et al, 2008). High sensitivity, specificity and rapidity of RT-PCR in comparison with 

conventional methods such as virus isolation and ELISA, renders RT-PCR assay the 
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first choice test for PPR diagnosis. However, convectional RT PCR is technically 

demanding and requires 4-8 hours for a complete diagnosis. Therefore, several 

modifications on RT-PCR have since been done so as to produce rapid results within 

2-4 hours. Reverse transcription PCR using specific primers targeting a highly 

conserved gene has been developed to avoid false negative results. In this study, real 

time reverse transcriptase PCR targeting N gene on PPR virus was used. The 

TaqVet™ Peste des Petits Ruminants Virus kit was used and the amplified product 

was detected by measuring the fluorescence released by labeled probe hydrolysis. 

The purpose of this kit was to detect the presence of the PPRV with real time RT-

PCR system using a probe labeled with FAM dye and targeting the N gene.and to 

validate the RNA extraction and real time RT-PCR analysis with an IPC (Internal 

Positive Control) probe labeled with VIC dye. Mesenteric lymph nodes, intestines, 

lungs were selected for PPRV antigen detection by RT-PCR because of the severe 

histo-pathological changes observed. Nasal and ocular swabs that were collected on 

day 13 post infection were also selected for PPRV antigen detection because of their 

prominence at pathology. In this study, PPR virus was detected from mesenteric 

lymph nodes, intestines and lungs of experimentally infected animals. This was in 

agreement with previous studies where virus isolations were made from mesenteric 

lymph nodes (Furley et al.,1987), or intestinal epithelial smears (Taylor et al,1987). 

Out of ten experimentally infected animals, eight tested positive for PPRV RNA 

from ocular swabs. This could be due to the fact that these samples were taken from 

surviving animals during the clinical phase of the disease when the virus was being 

secreted. This was in agreement with a study done by Sharawi et al, (2010) who 

detected PPR antigen from oculo-nasal swabs taken from infected gazzelles. Two 

animals tested negative for PPRV RNA from ocular swabs. This could be attributed 

to secondary bacterial infection that result in purulent ocular discharges in two 

animals at the time of sampling. Peste des petits ruminants virus is very labile and 
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bacterial contamination could compromise the quality of RNA (OIE, 2008). Peste 

des petits ruminants RNA was also detected in mesenteric lymph nodes of 4 sheep, 

from intestines of 3 sheep and from lung of 2 sheep. In goats, 2 tested positve for 

PPRV in mesenteric lymph nodes and only 3 tested positve from the intestines. The 

reason for poor success in isolating virus from  these cellular tissues could be the 

nature of tissues (Ozkul et al, 2002), since PPRV would not be expected to survive 

for long outside the host (Diallo, 2003). From this study it is clear that the sample of 

choice for PPR virus detection would be ocular swabs followed by frozen mesenteric 

lymph nodes tissues, followed by intestines and then lungs.  No PPR virus was 

detected from formalin frozen tissues. Therefore formalin fixed tissues would not be 

ideal for PPRV RNA detection. More studies need to be done in order to develope a 

working protocol for RNA extraction from formalin fixed tissues. 
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CHAPTER 6: CONCLUSION 

1. Experimental infection of sheep and goats using PPRV mixed tissue 

suspension produced a disease that appeared to evenly affect both species. 

2. Although the disease appeared to evenly affect both sheep and goats, the 

course of infection appeared to be sub-acute compared to acute or per-acute 

course that is reported in naturally infected animals. 

3. Histopathology targeting the lymphoid tissues and gastro-intestinal tract 

demonstrated changes associated with PPR and can be used for tentative 

diagnosis of PPR in areas where ELISA and RT-PCR may not be available. 

4. Antibodies against PPR were detected as early as 6th day post infection. This 

finding indicates that early diagnosis can also be achieved through serology. 

5. From this study, it is clear that samples of choice when targeting PPR virus 

RNA are the ocular swabs. Body tissues such as mesenteric lymph nodes, 

intestines and lungs could also be used for PPR antigen detection by 

polymerase chain reaction. 

6. Formalin fixed tissues were not found suitable for detection of PPR virus RNA 

by RT-PCR and therefore fresh frozen tissues remain tissues of choice for RT-

PCR. 
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CHAPTER 7: RECOMMENDATION 

1. Since the disease appears to evenly affect both sheep and goats, control

strategies against the disease in Kenya should be designed to target both sheep

and goats.

2. The disease produced uniform pathology especially in lymphoid system

(mesenteric lymph nodes) and intestinal tract. Therefore a thorough

examination of these two systems could give a good tentative diagnosis of

PPR in field conditions.

3. All animals in the experimental study tested positive for antibodies against

PPR by day 10 post infection. Therefore sero-surveillace studies of PPR are

recommended as animals would be at different stages of infection in case of

an outbreak and therefore easy to detect new infection.

4. This study could form a good model for challenge evaluation of new vaccines

being developed as it describes the clinical and pathological parameters to be

determined e.g. thermo stable vaccine.

5. Real time RT-PCR can be used as a diagnostic tool to confirm PPR infections.

The only limitations are that the test is expensive and in some areas it may not

be available.

6. Ocular swabs are highly recommended for diagnosis of PPR using RT-PCR.

�
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APPENDICES 

Appendix 1 

Contents of the PPR c-ELISA kit 

Item Storage 

Microplates  coated with PPR recombinant 

nucleoprotein 

RT 

Anti NP-HRP concentrated conjugate (10%) 5oC±3oC 

Positive control 5oC±3oC 

Negative control 5oC±3oC 

Dilution buffer 4 RT 

Dilution buffer 13 RT 

Wash concentrate (20%) RT 

Substrate solution 5oC±3oC 

Stop solution (H2SO4) RT 

Distilled water (10ml) RT 

10ml multi micropipettes RT 

RT – Room Temperature 
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Appendix 2 

Contents of TaqVetTM Peste des petits ruminants virus real time RT-PCR kit, 

Ref:PPRP/50.  

Developed by Laboratoire Service International incollaboration with Institute of 

Animal Health, UK. 

Kit Contents 

1. Mix PPRV: Ready to use Mix  for detection of PPRV containing: 

• I set of Nucleotides Peste des Petits Ruminants Virus 

o 1 Forward primer 

o 1 Reverse primer 

o 1 Probe PPRV -TaqMan® probe labeled with FAM-MGB 

• 1 Set of nucleotides IPC: 

o 1 Forward primer 

o 1 Reverse primer 

o 1 Probe IPC – Probe TaqMan® labeled with VIC-MGB (Quencher 

none) 

• The master Mix RT-PCR 

• The specific enzymes 

2. EPC PPRV: External Positive Control PPRV. Ready to use solution 

constituted of extracted PPRV Nucleic acid 

3. Each Kit contains the following components 

Name Reference Quantity Packaging Upon receipt After opening 

Mix PPRV MPEPPRV 1 Vial Green -20 oC -20 oC 

EPC PPRV EPCPPRV 1 Vial brown -20 oC -20 oC 
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Appendix 3 

Extraction of Virus RNA from ocular swabs with the QIAGEN kit: QIAamp 

Viral RNA mini kit (Ref: 52904 ou 52906) 

Composition of the kit: 

• QIA amp spin columns 

• Collection Tubes (2ml) 

• Buffer AVL 

• Buffer AW1 (concentrate) 

• Buffer AW2 (concentrate) 

• DNase RNase Free Water  

• Buffer AVE 

• Carrier RNA (poly A) 

Preparation of Ocular 

1. Add 560 ul of Buffer AVL (with RNA carrier) in a labeled microtube 1.5 ml- 

Use one tube per sample. 

2. Add 140 ul of testing sample (Eluate of swab) – Vortex immediately 15 sec. 

3. Incubate for 10 minutes minimum at Room Temperature. Centrifuge briefly 

before opening the tube.  

4. Add 560 ul of ethanol 96-100% - homogenize by pipetting 10 fold. Centrifuge 

briefly before opening the tube. 

5. Take a column from the QIAamp viral RNA mini kit (white column) and 

identify it. Apply 630 ul of the sample to the column placed in a 2 ml 

collection tube. Close the tube gently. Centrifuge for 1 min at 10000g. Discard 

the collection tube. Keep the column. 
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6. Transfer the remaining volume of the sample to the column placed in a new 

collection tube. Close the tube gently. Centrifuge for 1 min at 10000g. Discard 

the collection tube. Keep the column 

7. Add 700 ul of the AW1 Buffer (containing ethanol) to the column. Close the 

tube gently. Centrifuge for 15 sec at 10000g. Discard the collection tube. Keep 

the column 

8. Add 700 ul of the AW2 Buffer (containing ethanol) to the column. Close the 

tube gently. Centrifuge for 15 sec at 10000g. Discard the collection tube. Keep 

the column 

9. Transfer the column to a new collection tube. Centrifuge for 1 min at 13000 

g (to dry the column). 

10. Transfer the column to a new 1.5 ml identified microtube (DNase RNase free). 

To elute, pipette 60 ul of buffer AVE directly onto the QIAamp viral RNA 

silica gel membrane). Close the tube gently. 

11. Incubate for 1 minute at room temperature. Centrifuge for 1 min at 8000g. 

Discard the column. Close and store the labeled microtube. 

12. Keep the microtube on ice if the RT-PCR is carried out immediately or freeze 

the RA at -20oC Avoid carrying out more than 3 cycles of freezing/thawing. 
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Appendix 4 

Daily rectal temperatures for infected goats 

Dpi Goat1 Goat2 Goat3 Goat4 Goat5 Mean Control1 Control2 

-4 38.7 38.6 38.4 38.6 38.5 38.56 38.7 38.9 

-3 38.8 38.7 38.5 39.1 38.6 38.74 38.6 38.7 

-2 38.8 38.5 38.4 38.8 38.9 38.68 38.5 38.8 

-1 38.6 38.7 38.5 38.6 38.6 38.6 38.8 38.9 

0 38.7 38.6 38.6 38.3 38.6 38.56 38.7 38.7 

1 38.5 38.6 38.9 38.4 38.8 38.64 38.9 38.8 

2 38.6 38.5 38.7 38.7 38.6 38.62 38.6 39.0 

3 38.5 38.4 38.8 38.6 38.4 38.54 38.4 38.7 

4 38.6 38.9 38.5 38.4 38.8 38.64 38.5 38.6 

5 39.1 38.4 38.5 39 39.7 38.94 38.6 38.8 

6 38.8 38.7 38.5 39.5 39.9 39.08 38.7 38.7 

7 39.9 39.6 39 39.7 39.9 39.62 38.8 38.8 

8 40.2 40.5 39.7 39.8 39.9 40.02 38.7 38.9 

9 40.5 40.6 40.1 39.6 40.7 40.3 38.9 38.7 

10 39.9 40.1 39.9 39.7 39.8 39.88 38.6 38.8 

11 39.2 39.5 39.5 38.3 39.6 39.22 38.7 38.7 

12 38.7 39 39.6 38.6 39.9 39.16 38.4 38.6 

13 38.9 39.3 38.6 38.8 39.5 39.02 38.7 38.8 

14 38.8 38.6 38.6 38.8 38.7 38.7 38.8 38.7 

15 38.6 38.4 38.8 38.7 38.6 38.62 38.5 38.9 

16 38.5 38.6 38.7 38.6 38.5 38.58 38.8 38.7 

17 38.7 38.5 38.8 38.7 38.6 38.66 38.4 38.8 

18  38.8 38.9 38.8 38.4 38.725 38.6 38.6 

19   38.8 38.6 38.5 38.63 38.5 38.8 

20   38.6  38.6 38.6 38.4 38.7 
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Appendix 5 

Daily rectal temperature for infected sheep 

Dpi Sheep1 Sheep2 Sheep3 Sheep4 Sheep5 Mean Control3 Control4 

-4 38.5 38.7 38.9 38.7 39 38.76 38.8 38.9 

-3 38.6 38.7 38.8 39 38.6 38.74 38.9 38.7 

-2 38.8 38.6 38.5 38.9 38.8 38.72 38.7 38.8 

-1 38.7 38.7 38.8 39.1 38.7 38.8 39.2 38.9 

0 38.7 38.9 39 38.9 38.7 38.84 39 38.6 

1 38.6 38.5 39.1 38.8 38.7 38.74 38.9 38.7 

2 38.7 38.9 38.9 38.8 38.9 38.84 38.9 39 

3 38.6 38.8 38.8 38.9 39.1 38.84 38.8 38.9 

4 38.8 38.6 39 39.3 38.8 38.9 38.9 38.8 

5 38.8 38.8 39.2 39.1 38.7 38.92 39 38.8 

6 38.5 38.7 39.3 39 38.9 38.88 38.8 38.9 

7 38.9 38.9 39.5 38.8 39.1 39.04 39 38.7 

8 38.6 39.2 39.7 38.9 39.8 39.24 38.9 39 

9 38.7 39.5 39.7 39.4 39.7 39.4 38.7 38.8 

10 39.5 39.6 40.3 39.8 40.2 39.88 38.9 38.9 

11 39.9 39.7 40.7 40.1 40.4 40.16 38.8 39.1 

12 40.2 40.1 39.9 40.5 40.1 40.16 38.9 38.8 

13 39.5 39.9 39.9 39.5 39.9 39.74 39 38.9 

14 38.9 39.6 39.8 38.7 39.7 39.34 39.1 38.7 

15 38.6 38.9 39.9 38.8 39.3 39.1 38.9 38.9 

16 38.7 38.7 39.8 39 39.5 39.14 39 39 

17 38.7   38.9 39.2 39.33 38.8 38.7 

18 38.8    38.9 38.85 38.9 38.8 

19 38.6    38.5 38.55 38.8 38.7 

20 38.7     38.7 38.9 38.8 
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Appendix 6 

Daily respiratory rates in infected goats 

Dpi Goat1 Goat2 Goat3 Goat4 Goat5 Mean Control Control2 

-4 24 22 20 18 24 21.6 20 24 

-3 18 24 24 24 28 23.6 22 22 

-2 20 20 24 16 20 20 24 24 

-1 24 22 22 24 20 22.4 20 26 

0 20 24 18 24 22 21.6 24 22 

1 24 20 20 16 24 20.8 22 24 

2 16 24 26 20 24 22 20 20 

3 26 26 24 26 24 25.2 24 22 

4 20 22 26 24 26 23.6 22 22 

5 20 24 26 20 22 22.4 22 24 

6 20 24 22 24 20 22 24 22 

7 22 20 20 26 22 22 22 20 

8 24 20 20 24 20 21.6 20 24 

9 20 26 24 28 22 24 22 20 

10 24 28 22 34 24 26.4 20 22 

11 28 26 20 38 26 27.6 18 24 

12 30 32 20 34 34 30 22 22 

13 34 34 22 36 42 33.6 24 26 

14 34 36 26 40 32 33.6 22 22 

15 36 24 28 34 28 30 20 24 

16 40 28 32 36 34 34 22 24 

17 36 30 28 28 24 29.2 24 20 

18  26 24 24 22 24 20 22 

19   26 20 22 22.67 22 20 

20   24  24 24 24 24 
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Appendix 7 

Daily respiratory rates for infected sheep 

Dpi Sheep1 Sheep2 Sheep3 Sheep4 Sheep5 Mean Control3 Control4 

-4 20 20 22 22 24 21.6 22 24 

-3 22 20 22 24 22 22 18 20 

-2 24 24 20 22 20 22 20 18 

-1 22 28 18 18 22 21.6 20 18 

0 20 20 24 22 24 22 18 20 

1 20 28 20 32 20 24 20 22 

2 24 20 16 20 18 19.6 20 24 

3 16 24 20 16 22 19.6 20 22 

4 18 20 16 22 24 20 20 22 

5 18 16 20 16 20 18 18 20 

6 16 20 24 16 22 19.6 16 18 

7 26 22 26 16 24 22.8 18 22 

8 28 22 16 20 24 22 20 18 

9 28 18 24 20 26 23.2 20 20 

10 32 24 30 18 28 26.4 22 22 

11 28 24 36 22 28 27.2 20 24 

12 36 28 40 26 34 32.8 24 22 

13 34 38 40 32 36 36 26 22 

14 30 40 38 34 38 36 24 24 

15 24 36 38 38 36 34.4 22 24 

16 28 30 36 30 24 29.6 20 22 

17 24   26 30 26.67 22 20 

18 26    28 27 18 22 

19 24    22 23 22 24 

20 22     22 20 22 

�

�

�
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Appendix 8 

Table showing occurrence of nasal discharges in experimentally infected (intranasally) ngoats using 

PPRV tissue suspension. 

Dpi Goat1 Goat2 Goat3 Goat4 Goat5 Control1 Control2 

-4 � � � � � � � 

-3 � � � � � � � 

-2 � � � � � � � 

-1 � � � � � � � 

0 � � � � � � � 

1 � � � � � � � 

2 � � � � � � � 

3 � � � � � � � 

4 � � � � � � � 

5 � � � � � � � 

6 � � � � � � � 

7 � � � � � � � 

8 � � � � � � � 

9 � � � � � � � 

10 � �� � � � � � 

11 �� � � �� � � � 

12 �� �� � �� � � � 

13 �� �� � �� � � � 

14 �� �� �� �� � � � 

15 � �� �� �� � � � 

16 � �� �� �� � � � 

17 � � �� � � � � 

18 D � � � � � � 

19 D d � � � � � 

20 D d � d � � � 
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Key: 

- No Nasal discharge 

+Clear watery nasal discharges 

++ Whitish mucoid nasal discharges 

d   Dead 

 

Appendix 9 

Table showing occurrence of nasal discharges in experimentally infected (intranasally) sheep using 

PPRV tissue suspension. 

 

Dpi Sheep1 Sheep2 Sheep3 Sheep4 Sheep5 Control3 Control4 

-4 � � � � � � � 

-3 � � � � � � � 

-2 � � � � � � � 

-1 � � � � � � � 

0 � � � � � � � 

1 � � � � � � � 

2 � � � � � � � 

3 � � � � � � � 

4 � � � � � � � 

5 � � � � � � � 

6 � � � � � � � 

7 � � � � � � � 

8 � � � � � � � 

9 � � � � � � � 

10 � � � � � � � 

11 � � � � � � � 

12 � � � � � � � 

13 � �� � �� � � � 

14 �� �� �� �� �� � � 

15 �� �� �� �� �� � � 



����

�

16 �� � �� � �� � � 

17 � d D � �� � � 

18 � d D d � � � 

19 � d D d � � � 

20 � d D d D � � 

Key: 

-No nasal discharges 

+Clear watery nasal discharges 

++ Whitish mucoid nasal discharges 

D  Dead 

 

Appendix 10 

Table showing occurrence of ocular discharges in experimentally infected (intranasaly) goats using 

PPRV tissue suspension. 

Dpi Goat1 Goat2 Goat3 Goat4 Goat5 Control1 Control2 

-4 � � � � � � � 

-3 � � � � � � � 

-2 � � � � � � � 

-1 � � � � � � � 

0 � � � � � � � 

1 � � � � � � � 

2 � � � � � � � 

3 � � � � � � � 

4 � � � � � � � 

5 � � � � � � � 

6 � � � � � � � 

7 � � � � � � � 

8 � � � � � � � 

9 � � � � � � � 

10 � � � � � � � 

11 � � � � � � � 
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12 � � � � � � � 

13 �� � � � � � � 

14 �� � � � � � � 

15 �� � � � � � � 

16 �� � � � � � � 

17 �� � � � � � � 

18 d � � � � � � 

19 d d � � � � � 

20 d d � d � � � 

 

Key: 

�No ocular discharges 

+Clear watery ocular discharges 

++ Whitish mucoid ocular discharges 

D  Dead 

 

Appendix 11 

Table showing occurrence of ocular discharges in experimentally infected(intranasally) sheep using 

PPRV tissue suspension. 

Dpi Sheep1 Sheep2 Sheep3 Sheep4 Sheep5 Control3 Control4 

-4 � � � � � � � 

-3 � � � � � � � 

-2 � � � � � � � 

-1 � � � � � � � 

0 � � � � � � � 

1 � � � � � � � 

2 � � � � � � � 

3 � � � � � � � 

4 � � � � � � � 

5 � � � � � � � 

6 � � � � � � � 
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7 � � � � � � � 

8 � � � � � � � 

9 � � � � � � � 

10 � � � � � � � 

11 � �� � � � � � 

12 � �� � � � � � 

13 � �� � � � � � 

14 � �� �� � � � � 

15 � �� �� � � � � 

16 � � �� � � � � 

17 � d d � � � � 

18 � d d d � � � 

19 � d d d � � � 

20 � d d d D � � 

Key: 

�No ocular discharges 

+Clear watery ocular discharges 

++Whitish mucoid ocular discharges 

D  Dead 

 

Appendix 12 

Hematological parameters in goats. 

Before Infection 

Parameters Goat1 Goat2 Goat3 Goat4 Goat5 

WBC (X 103/ml) 23.53 17.71 17.6 25.02 14.73 

HGB (ml/dl) 7.7 5.7 9 9 8.6 

RBC (X 106/ml) 13.71 9.33 13.83 13.53 12.83 

PCV (%) 23.5 17.5 21.2 21.2 19.2 

MCV (fl) 17.2 18.8 15.4 15.7 15 

MCH (fl) 6.4 6.1 6.5 6.6 6.7 



����

�

MCHC (g/dl) 37.8 32.5 42.4 42.4 44.7 

Platelets (103/ml) 188 112 545 537 530 

Neutrophils (%) 30 49 15 36 26 

Lymphocytes (%) 69 48 85 64 74 

 

After infection 

 

 

Appendix 13 

Hematological parameters in sheep. 

Before infection: 

Parameters Sheep 1 Sheep 2 Sheep 3 Sheep 4 Sheep 5 

WBC (X 103/ML) 24.27 30.94 14.13 14.38 14.13 

HGB (mg/dl) 10.8 11.9 7.1 10.2 7.3 

RBC (X106/ML) 9.66 11.44 5.98 9.72 6.63 

PCV (%) 22.5 29.8 13.3 27.5 15.5 

MCV (fl) 17.2 18.8 15.4 15.7 15 

MCH (FL) 11.1 10.4 11.8 10.4 11 

MCHC (g/dl) 48 39.9 53.3 37 47 

Parameters Goat1 Goat2 Goat3 Goat4 Goat5 

WBC (X 103/ml) 23.98 28.68 18.61 26 15.86 

HGB (ml/dl) 8.9 10.8 10.8 10.5 9.6 

RBC (X 106/ml) 10.29 13.32 13.45 12.86 12.14 

PCV (%) 17.3 16.5 19.9 19.5 18 

MCV (fl) 16.9 14.7 14.8 15.2 14.9 

MCH (fl) 6.9 8.1 8 8.1 7.9 

MCHC (g/dl) 41.6 55.3 54.2 53.8 53.3 

Platelets (103/ml) 118 655 700 846 670 

Neutrophils (%) 29 48 41 42 62 

Lymphocytes (%) 39 52 59 58 71 



����

�

Platelets (103/ml) 1121 356 1556 252 905 

Neutrophils (%) 49 35 72 35 40 

Lymphocytes (%) 50 65 26 65 60 

 

 

After infection. 

 

Parameters Sheep 1 Sheep 2 Sheep 3 Sheep 4 Sheep 5 

WBC (X 103/ML) 74.89 44.21 98.8 54.89 35.59 

HGB (mg/dl) 12 10.9 9.1 11.4 8.3 

RBC (X106/ML) 14.62 12.17 11.96 13.47 10.59 

PCV (%) 29.2 27.3 23.6 30.3 21.7 

MCV (fl) 20 22.5 19.8 25.6 20.1 

MCH (FL) 8.2 8.9 7.6 8.4 7.6 

MCHC (g/dl) 41 39.9 38.5 35.6 38.2 

Platelets (103/ml) 195 176 256 191 230 

Neutrophils (%) 68 46 81 46 51 

Lymphocytes (%) 32 48 19 45 38 

 

Appendix 14 

Table showing percentage competition values for PPRV antibodies in serum collected from all 

experimentally infected animals at different days post infection 

Animal 

No. 6th Day 

10th 

day 

14th 

day 

Goat 1 49.241 42.521 36.795 

Goat 2 54.351 38.672 25.702 

Goat 3 48.121 37.753 32.897 

Goat 4 58.321 45.892 28.287 

Goat 5 61.422 40.672 25.151 

control 1 93.726 85.151 92.171 

Control 2 89.675 91.313 94.35 
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Animal 

No. 6th day 

10th 

day 

14th 

day 

Sheep 1 45.294 41.964 33.058 

Sheep 2 48.643 36.728 22.917 

Sheep 3 51.821 49.143 20.65 

Sheep 4 40.431 39.923 21.313 

Sheep 5 56.832 36.082 14.603 

Control 3 82.675 89.821 80.739 

Control 4 85.849 88.602 93.887 

    

 














